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ABSTRACT
Capsules are often employed to prolong the shelf-life of active ingredients such as many drugs,
food additives, or cosmetic substances because they delay their oxidation or prevent interactions
with molecules contained in the surrounding. If designed properly, these capsules allow close
control over the timing and location of the release of active ingredients. To take advantage of
these features, capsules must possess shells whose thickness and composition are well-deﬁned. A
promising route to fabricate such capsules is the use of microﬂuidic devices to produce double
emulsion drops that are used as templates to form the capsules. Additionnally, those double
emulsions are also used as vehicles for active materials. However, current microﬂuidic techniques
typically produce double emulsions with inhomogeneous shells, thereby negatively aﬀecting the
release kinetics of the encapsulants. A solution to this problem is to produce double emulsions
with extremely thin shells to reduce their inhomogeneity. However a controllable production
remains a challenge. This manuscript provides a novel strategy to controllably produce double
emulsions that can be used as template to form capsules with submicron shell thicknesses.
We introduce new microﬂuidics techniques to controllably reduce the shell thickness of double
emulsions to values below a micrometer. We present a simple process that squeezes primary
double emulsions through a constriction, thereby removing the vast majority of the oil initially
contained in the shell. This technique allows the controllable production of double emulsions
with shells as thin as 330 nm. To increase the throughput of the production of double emulsions
with thin shells, we developed a second microﬂuidic device, the aspiration device. We show
that we can produce shell thicknesses down to 240 nm with a 10 times higher throughput than
obtained with the squeezing process. We also demonstrate that the resulting double emulsion
shell thickness only depends on the ﬂuid ﬂow rates but not on the shell thickness of injected
primary double emulsions such that this device enables processing polydisperse double emulsion
drops into double emulsions with well deﬁned thin shells. We characterize the permeability of
double emulsions drops and show that the release rate of encapsulants decreases with decreasing
shell thickness We demonstrate that the permeability of drops with submicron shells is decreased
by at least one order of magnitude compared to that of primary double emulsions. Thus these
thin shell double emulsions open up new opportunities to use them for high throughput screening
assays that require a high precision. Finally we convert double emulsions into capsules with thin
homogeneous solid shells and show that they display a low permeability and a high mechanical
stability.
Keywords: microcapsules, microﬂuidics, double emulsions, thin shells, submicrometer shells,
triggered release, capsule permeability.
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RÉSUMÉ
En général, les capsules sont employées pour prolonger la durée de vie des substances actives
utilisées dans les produits pharmaceutiques, agroalimentaires et cosmétiques, car elle retardent
leur oxydation ou empéchent les interactions avec d'autres molécules externes. Si ces capsules
sont conçues de manière appropriées, elle peuvent également permettre de contrôler le temps
et le lieu de libération des substances actives. Pour proﬁter de ces propriétés, l'épaisseur et la
composition de leurs membrane doit tˆre trés ﬁnement contrôlée. L'utilisation de double émulsions
produite gâce à la microﬂuidique est une technique prometteuse pour former ce type de capsule.
De plus ces double émulsions sont capables également de transporter des substances actives.
Cependant les techniques actuelles de microﬂuidique ne permettent que de fabriquer des gouttes
en double émulsion avec des membranes d'épaisseur inhomogènes, ce qui aﬀecte la cinétique de
libération des substances de la capsule. Une solution serait de produire des double émulsions avec
des membranes de très ﬁne épaisseur pour réduire leur inhomogénéité. Cependant la production
controllée de ce type de double émulsions reste un déﬁ. Ce travail de thèse présente une nouvelle
stratégie pour produire des doubles émulsions qui peuvent être utilisées pour former des capsules
dont la membrane est inférieure à un micron d'épaisseur.
Dans ce manuscrit nous introduisons de nouvelles technique de microﬂuidique pour controller
l'épaisseur de la membrane. La première technique consiste à forcer les double émulsions à
franchir une constriction, ce processus permet d’ élimine une grande partie de l'huile contenue
initialement dans la membrane et par conséquent réduit l'épaisseur de cette dernière. Grâce à
cette technique nous pouvons obtenir de manière reproductible des gouttes avec des membranes
de 330 nm d'épaisseur. Aﬁn d'augmenter le débit de production des double émulsions avec des
ﬁnes membranes, nous avons développé une nouvelle puce microﬂuidique. Nous démontrons que
cette puce nous permet d'obtenir des gouttes dont l'épaisseur de la membrane est inférieure à
240 nm et d'augmenter d'un facteur 10 le débit par rapport au processus de constriction. De
plus, nous établissons que l'épaisseur ﬁnale de la membrane ne dépend que du débit des ﬂuides
injectés dand la puce mais est indépendante de l'épaisseur initiale de la membrane des double
émulsion initialement injectées. Ainsi cette puce peut traiter des double émulsions dépaisseur
de membrane diﬀérente et les transformer en double émulsions d'épaisseur contrôlée et très ﬁne.
Nous caractérisóns la perméabilité des double émulsions et montróns que le vitesse de libération
des encapsulants diminue avec la ﬁnesse de la membrane. Par conséquent, ces double émulsion
avec des membranes très ﬁnes ouvrent de nouvelles perspectives d'applications dans les tests de
tri à haut débit qui demandent une grande précision. Enﬁn nous utilisons ces doubles émulsions
pour former des capsules avec une ﬁne membrane solide qui présentent une faible perméabilité
et une grande stabilité mécanique.
Mots-clés: microcapsules, microﬂuidique, double émulsions, ﬁne membrane, membrane sub-
micrométriques, libération contrôlée, perméabilité des capsules.
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FOREWORD
This project is devoted to the formation of mechanically stable capsules with thin shells using
double emulsions as template. In particular, we focus on the formation of double emulsions with
submicron shells using microﬂuidics. This manuscript presents the work that was done in the
scope of this thesis and is divided in 6 chapters:
• Chapter 1 is a general introduction that sets the framework of this thesis: we ﬁrst
describe the fundamentals of emulsions and their stabilization. We introduce microﬂuidics
as a powerful tool to precisely control the dimensions of emulsion drops. We summarize
methods to convert double emulsion drops into capsules and how the permeability of these
capsules can be tuned. Finally we point towards the problematic of heterogeneity of double
emulsions shell thicknesses and mention possibilities to overcome these diﬃculties.
• The experimental techniques used in this project can be found in Chapter 2. In partic-
ular we present the microﬂuidic double emulsion device, that is used to produce primary
double emulsion drops.
• A ﬁrst approach to form double emulsions with submicron thick shells is presented in
Chapter 3. Primary double emulsion drops are squeezed through a constriction to remove
the oil from its shell. This chapter is an adaptation of the previously published paper
presented in Reference [1].
• To increase the throughput of the production of double emulsions with thin shells, we
introduce in Chapter 4 a new microﬂuidic device, the aspiration device. The device
consists of a main channel that is intersected by many microchannels that aspirate the
oil from the shell of the double emulsion drops. This chapter is an adaptation of the
previously published paper presented in Reference [2].
• Chapter 5 focuses on the inﬂuence of the shell thickness of double emulsions on their
permeability. We show that the permeability of double emulsions can be decreased by at
least an order of magnitude if the shell thickness is reduced to values below 1 μm. This
chapter is adapted from the currently under review paper presented in Reference [3].
• In Chapter 6 we employ double emulsion drops with thin shells to produce rigid me-
chanically stable capsules that have a very low footprint. Furthermore we show that the
permeability of those capsules is similar to those of model capsules with a much higher
footprint. This chapter is adapted from the paper currently in refereed proceedings pre-
sented in Reference [4].
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Chapter 1
Emulsions as template for
encapsulation
In this chapter, fundamental principles of emulsions are described. Moreover, techniques to
use emulsion drops as templates for capsule production and a discussion about the latest capsules
enabling controlled release of reagents are presented. Additionnally, microﬂuidic techniques are
introduced as powerful tools to produce drops with controllable dimensions.
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1.1 Emulsions: Basic concepts
1.1.1 Type of emulsions
An emulsion is a dispersion made out of two or more immiscible liquids. In a two-phase
emulsion (i.e. single emulsion), drops composed of one liquid are dispersed in another liquid,
the continuous phase. For example, single emulsions can consist of water-in-oil (W/O), or oil-
in-water (O/W) drops, as schematically presented in Figure 1.1A and B.
Additionally emulsion droplets can also themselves embed other emulsion droplets and are thus
known as multiple emulsions. For example, water-in-oil-in-water (W/O/W) double emulsion
drops are composed of an inner aqueous drop embedded in another larger oil drop that is itself
dispersed in a continuous aqueous phase, as seen in Figure 1.1C. These multiple emulsions are
usually obtained through a two step emulsiﬁcation process in which a primary emulsion is re-
dispersed in an external phase.
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Figure 1.1: Schematic illustration of (A) oil-in-water (O/W) emulsions, (B) water-in-oil (W/O)
emulsions. Illustration adapted from [5] (C) Illustration of water-in-oil-in-water (W/O/W)
double emulsion drops
1.1.2 Stabilization of emulsions
From a thermodynamic point of view, most emulsions are systems that are out of equilibrium
because the formation of drops and thus the formation of new interface costs energy. Indeed
in a liquid phase, molecules are interacting with their neighbors. When all the molecules are
identical, these interactions are balanced. At an interface of a droplet, the molecules of the
dispersed phase are in contact with molecules from the continuous phase and consequently, their
interactions are not optimized to minimize their energy. It results in a surface energy or surface
tension, γ, which expresses the energy cost of a particular interface. When an emulsion is created
from two separate phases, this cost is payed by the work of a vigorous mixing of the two phase
system. This mixing transfers mechanical energy to the system that can be used to generate
new interfaces and thus promote droplet formation (this is what is happenning when preparing
a salad dressing for example).
After an emulsion is formed, it tends to go back to its equilibrium state through coalescence
of drops. Indeed when two drop merge, they reduce their surface by ΔA and therefore save
interfacial energy by ΔGγ = γΔA. This results in an increase of the average drop diameter and
a decrease of the number of drops in the emulsion
However this evolution can be kinetically prevented by using surfactants that increase the
lifetime of emulsions. Surfactants are amphiphilic molecules that preferentially arrange at the
liquid-liquid interface, as exempliﬁed in Figure 1.2A. Once adsorbed, they signiﬁcantly lower
the interfacial tension γ. Therefore, the energy diﬀerence between a state in which drops are
separated and the one in which they are merged, ΔGγ , is reduced, thereby increasing the kinetic
stability of the emulsions. Additionally they add Marangoni stresses that help to prevent the
coalescence [6].
4
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Alternatively interfaces can also be stabilized by solid particles, resulting in pickering emulsions
[7–9]. Colloidal particles that have an aﬃnity for both phases assemble at the interphase, as
schematically presented in Figure 1.2B. Therefore they reduce the interfacial surface ΔA, thereby
lowering ΔGγ , and thus stabilizing the drop [8]. However the adsorption of such particles at the
interface is slower than that of surfactant molecules because their size is usually much larger.
Therefore pickering emulsions are not suitable for systems that demand rapid stabilization.
Figure 1.2: (A) Schematic illustration of a tri-block surfactant adsorbed at the interface of
an aqueous droplet in oil. Figure adapted from [10]. (B) Schematic illustration of an O/W
interface stabilized with nanoparticles. Figure adapted from [8]
These stabilized emulsions drops are often used as templates to form microcapsules for a
wide range of applications including encapsulation of food additives [11–15], cosmetic products
[16–20], drug delivery systems [21–24] or for ﬂuorescence activated cell sorting (FACS) [25–29].
5
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1.2 Drops as templates to produce capsules
1.2.1 Microcapsules from single emulsion templates
Microcapsules are 1-100s micrometer sized spheres with solid shells and hollow cores. They
are widely used as carriers of actives substances for a large variety of applications including
pharmacy [30,31], food [32,33], cosmetics [34], fragrances [35] and agriculture [36].
These capsules can be produced from single emulsion drops if one of the reagents used for
solidiﬁcation is soluble in both phases. In this conﬁguration, one of the reagents diﬀuses from
one phase into the other phase. For example, capsules are produced from an aqueous drop
containing alginate in the core and CaI2 in the oil phase. Ca2+ ions penetrate into the aqueous
core of a drop, thereby preferentially crosslinking alginate located in the vicinity of the drop
interface as schematically shown in Figure 1.3A. As more and more calcium ions diﬀuse further
into the drop, the shell thickness of the forming capsule increases. To stop the gelation process
the drop is then redispersed in a Ca2+-free continuous phase, resulting in a capsule with an
alginate based shell and liquid core [37], as shown in Figure 1.3B and C.
Figure 1.3: Formation of a capsule from a single emulsion water in oil drop. (A) Schematic
representation of a reagent loaded into the aqueous core. (B) Schematic presentation of the
formed capsule. (C) Fluorescent micrographs of capsules whose shell is composed of ionically
crosslinked alginate (adapted from [37]).
However this process limits the number of capsule materials that can be used because one of
the components needs to be soluble in both phases. Therefore, alternative techniques to form
capsules that oﬀer more choice in the composition of the shell are usually preferred.
1.2.2 Microcapsules made from double emulsion templates
Double emulsion drops are attractive templates to produce capsules made from a wide range of
materials. They are drops composed of one phase within drops composed of another phase and
their stability is directly correlated to the interfacial tensions between the diﬀerent phases [38].
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These drops are often used as templates to form capsules through solidiﬁcation of their shells [39].
This can be achieved, for example, through solvent evaporation [40–42] or polymerization [43–45].
If solidiﬁed through evaporation of the solvent, the middle ﬂuid consists of a volatile solvent
that has some solubility in the continuous phase. This ﬂuid encompasses polymers or colloids
that form the shell upon solvent evaporation. As the solvent partitions into the outer phase, the
solutes precipitate in the shell of the double emulsion drop. The solvent can either completely
partition into the continuous phase or if it is composed of a mixture of diﬀerent solvents, one
of the solvent partitions whereas the other solvent dewets and forms a single emulsion drop
that separates from the capsule [46]. Capsules with extremely thin shell thicknesses (down to
the dimensions of a surfactant bilayer) can be formed with this technique [47, 48]. However the
number of solvents that can be used is limited and the most commonly used ones are toxic,
thereby excluding biological applications.
Capsules with a much wider range of shell compositions can be formed if they contain chemi-
cally reactive substances that can be solidiﬁed. For example, a monomer solution of ethoxylated
trimethylolpropane triacrylate (ETPTA) resin and 2-hydroxy-2-methyl-1-phenyl-1-propanone
that is added as a photoinitiatior is used as the middle phase of double emulsion drops. The
shell can subsequently be rapidly polymerized simply through exposure to UV-light, thus trans-
forming the shell of double emulsion drops into a solid network [49]. Therefore the dimensions
of the shell of the capsules are directly related to that of the double emulsion templates.
To summarize, solvent evaporation enables the formation of capsules with extremely thin shells
capsules but can only be used with a limited number of solvents that are generally toxic. The
polymerization process oﬀer more versatility in terms of shell materials and their shell size is
directly related to the one of the double emulsion template. The shell composition is a key
parameter to control the release of encapsulants with a trigger.
1.2.3 Release mechanisms
The composition of the shell the capsules is key to control the release of encapsulants from
capsules. Multiple release triggers are available, here we present three main types: temperature,
solvents and mechanical stress.
Temperature induced release
Temperature can be an interesting stimulus for applications in drug delivery for example.
Polymers that remain solid at room temperature but can melt at body temperature are attractive
materials to form capsules for biological applications. To fabricate the capsule, the polymer needs
to be heated above its melting temperature and then be cooled down and solidiﬁed after double
emulsions are produced [24, 50]. For example parraﬁn has a melting temperature Tm around
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43 °C. A capsule with a parraﬁn shell can release an encapsulated dye in less than 5 min when
heated above this temperature, as seen in Figure 1.4A.
Another attractive possibility to fabricate temperature responsive capsules is the use of tem-
perature responsive polymers, such as poly[N-isopropylacrylamide] (PNIPAM). Crosslinked PNI-
PAM is hydrated at room temperature. If the temperature is increased above the lower critical
solution temperature (LCST), which is for the PNIPAM around Tc = 32 °C in the absence of
salts, the hydrogen bonds between the hydrophilic amine chains are broken, and the polymer
undergoes a reversible phase transition into a collapsed dehydrated state [51]. This change
in conformation of the polymer changes the permeability of the capsules, thereby enabling re-
lease of the encapsulant, as exempliﬁed in Figure 1.4B. This technique is interesting since the
transformation is reversible, hence the process can be used for repeated triggered release.
Figure 1.4: Temperature induced release. (A) Microcapsules composed of paraﬃn shells
encapsulating toluidine blue. The shell becomes liquid when heated to 45 °C (second frame),
this enables the inner core to coalesce with the outermost phase (third frame). The encapsulated
dye is almost entirely released after ﬁve minutes of heating, (fourth frame). The ﬁgure is adapted
from [24]. (B) Confocal ﬂuorescent micrograph of a mixture of capsules incubated at 40 °C over
time. Capsules in green and yellow are composed of Poly(ethylenglycol)-b-Poly(lactic acid)
(PEG-b-PLA) which is insensitive to changes in temperature. Capsule in red have a PEG-b-
PLA shell comprising 5 wt% of PNIPAM-b-(Poly(lactic glyco acid) (PNIPAM-b-PLGA). Only
the capsules containing PNIPAM-b-PLGA in their shell release their content. The micrograph
is adapted from [52]
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Chemically triggered release
Another important stimulus used to trigger release are chemical reactions. For example
Polystyrene (PS) goes from a solid to a liquid state once in contact with hydrocarbon oils [47].
This behavior can be exploited to produce oil-sensitive capsules. When polystyrene capsules mi-
grate towards an oil-water interface, the portion of the capsules in contact with the oil degrades
such that encapsulants are released, as seen in Figure 1.5A.
Additionally this approach can prove useful for detection of contaminants in water such as
ﬂuorides [53]. Polymers such as poly(phthaldehyde) (PPHA) were functionalized with a ﬂuoride
responsive end-cap. Upon exposure to ﬂuoride, the bond between the polymer and the end cap
is broken and the entire molecule depolymerises quickly. Hence microcapsules with 1.8 μm thick
shells composed of PPHA functionalized molecules release their contents within three days when
exposed to as little as 50 mM of ﬂuoride, as shown in Figure 1.5B
A parameter that is experimentally often easy to vary is the pH, rendering it an attractive
external stimulus. To render capsules pH responsive, they must be composed of or contain a pH
responsive polymer. For example, capsules made of an ionic diblock copolymer of Poly(acrylic
acid) and Poly(methylmetacrylate) (PAA-b-PMMA) become permeable if pH > 7 because the
polymer starts dissolving at this pH. Hence, when the pH is raised above this threshold, encapsu-
lants are released in less than 15 min, as seen in Figure 1.5C. By tuning the polymer the capsule
shell is made of it is possible to obtain diﬀerent pH thresholds for release. These capsules are
interesting for pharmaceutical applications. For example, depending on the pH in the digestive
system they would release their payload to speciﬁc areas.
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Figure 1.5: Triggered encapsulant release. (A) Timelapse confocal microscopy images showing
the release kinetics of a PS capsule loaded with microparticles in contact with toluene. The ﬁgure
is adapted from [47]. (B) Timelapse ﬂuorescent micrographs of ﬂuorescent dye release from
PPHA microcapsules exposed to an aqueous solution containing 50 mM ﬂuoride. Adapted from
[53] (C) Timelapse confocal microscopy images showing release of a green dye encapsulated in a
pH responsive PAA-b-PMMA capsule. The capsule also encapsulates polystyrene microparticles
used as tracers (grey). Time 0 corresponds to the time when the pH of the surrounding solution
is shifted to 9. The micrograph is adapted from [54]
Mechano-responsive capsules
Externally imposed stress is also an interesting route to controllably release payload. The
earliest application of mechano-responsive capsules was in carbonless copy paper to encapsulate
and release the colorless ink upon exposure to pressure. Capsules completely coat the surface of
a sheet of paper, only releasing the encapsulated ink at locations that were strongly compressed
by a pen [55]. The threshold pressure when capsules rupture depends in parts on the shell
composition [56]. For example, PS capsules have brittle shells and hence are more prone to rup-
ture if sheared than polystyrene-polyisoprene-polystyrene (PS-PIP-PS) microcapsules that have
more ductile shells and are therefore more deformable [47]. When both types of microcapsules
of diameter 110 μm are introduced in a channel with a 70 μm constriction, PS capsules rupture
in the constriction whereas (PS-PIP-PS) remain intact, as seen in Figures 1.6A and B.
Shear responsive capsule are also useful for self-healing applications where they are embedded
in a matrix material [57]. When the material is subjected to a stress above a threshold, capsules
release the encapsulated agents that heal defects thereby strengthening the matrix. For example
healing in glassy epoxy using epoxy/amine self-healing systems were developed. Microcapsules
containing epoxy monomers and amine hardeners are used as self-healing agents in an epoxy
10
Emulsions as template for encapsulation Drops as templates to produce capsules
matrix. They are produced from double emulsions used as templates. Their shells contain an
acrylate mixture ( 2-phenoxyethyl acrylate and 1,6-hexanediol diacrylate 50:50 ratio), and a
photoinitiator [58]. They are subsequently cured to form the capsule shell through UV exposure
for 5 min. The epoxy microcapsules contain Epon 828 in their cores. The amine microcapsules
contain triethylentetramine (TETA) in their core that serves as a hardener. The capsules are
embedded in a bisphenol, a diglicidyl ether resin (Epon 828), that is cured with diethylenetri-
amine in a 100:12 ratio. The epoxy matrix contains 10 wt% of microcapsules loaded with epoxy
and 1.8 wt% of microcapsules loaded with amines. The matrix material is then cracked with a
rasor blade and cured at 35°C for 48 h. The addition of amine and epoxy microcapsules enabled
a 100% healing eﬃciency of the material tested in tension at 5 μ/s [59]. Healing eﬃciency is
calculated as the ratio of the peak load for the healed material over that of the virgin material.
Figure 1.6: Mechano-responsive capsules. Superimposed optical and ﬂuorescent micrographs
of 110 μm diameter (A) PS and (B) PS-PIP-PS capsules that are pushed through a 70 μm
diameter constriction. Micrograph adapted from [47]. (C) SEM image of epoxy and hardener
microcapsules with polyacrylate shells embedded in an epoxy matrix. The capsules impart
self-healing properties to the epoxy matrix. The image is taken from [59]. Scale bars are 100
μm.
To summarize, three main triggers that are commonly used depending on the application
include: temperature, chemical, and mechanical stimuli. The kinetic of this release strongly
depends on the capsule dimensions.
1.2.4 Controlling release kinetics
In the examples described in the previous Section 1.2.3, the time necessary to release content
depends sensitively on the shell thickness of capsules. For example, for capsules composed of
PAA-b-PMMA that are produced from evaporation of the oil shell a double emulsion template
(See section 1.2.2), the release time increases with increasing shell thickness for microcapsules,
as exempliﬁed by the data shown in Figure 1.7 [54].
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Figure 1.7: Time delay before encapsulated ﬂuorescent dye is released as a function of the
shell thickness for pH-responsive microcapsules. The vertical error bar corresponds to the stan-
dard deviation in the measured release time, horizontal deviation corresponds to the standard
deviation on shell thickness in each batch. Reproduced from [54].
Therefore a close control over the dimensions of the microcapsules is crucial to precisely tune
the release rate of encapsulants from the microcapsules. Capsules with well-deﬁned shell thick-
nesses can be produced from monodisperse drop templates thanks to microﬂuidic techniques.
1.3 Microﬂuidics
1.3.1 Fluid behavior at microscale
Microﬂuidics describes the manipulation of small amounts of ﬂuids (10−9 to 10−18 L) using
channels with dimensions ranging from tens to hundreds of micrometers [60]. At this length scale,
inertial forces are less important than viscous forces such that Reynolds numbers are small (Re
< 1), and ﬂows are usually laminar. Consequently, when two ﬂuids streams come together in a
microchannel, they ﬂow parallel to each other, with minimal turbulences. This so called co-ﬂow
phenomenon can be visually observed, as shown in Figure 1.8.
Since ﬂows are laminar, diﬀusion is the main mixing mechanism. This opens up new oppor-
tunities to control temporally and spatially the concentration of molecules within a microﬂuidic
channel. Experiments conducted with microﬂuidic devices enable the use of smaller sample vol-
umes and require less reagents while oﬀering fast and accurate detection. For example, focusing
of a stream of ﬂuid with microﬂuidic devices was used for on-chip cytometry where cells are
counted and observed individually. In this experiment, cells diluted in bulk are accelerated and
focused in a narrow stream corresponding to their diameter [61].
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Figure 1.8: Microﬂuidic co-ﬂow devices (A) Photograph of microﬂuidic device used as an
intestinal organ-on-chip device. Image taken from [62] (B) Optical microscopy image of multiple
colored streams co-ﬂowing through a microﬂuidic channel. Image taken from [63]
At the scale used and because the ﬂow is not turbulent, ﬂuid ﬂows can be controlled and
guided precisely in microﬂuidic channels. The behavior of ﬂuid ﬂows is predictible and governed
by simple equations.
1.3.2 Electric circuit analogy
In channels with stationary conditions and at low Reynolds numbers, when the ﬂow is laminar,
the Navier-Stokes equation can be simpliﬁed to link the pressure to the ﬂow rate in the ﬂuid.
These conditions are known as Poiseuille ﬂow conditions, in which a linear relationship between
pressure drop ΔP in a channel and ﬂow rate Q exists:
ΔP = RHQ (1.1)
Where RH is deﬁned as the hydrodynamic resistance that can be calculated from the geo-
metrical characteristics of the channel and the viscosity of the ﬂuid [64]. For a straight channel
with a rectangular cross section it corresponds to:
RH =
12ηL
1− 0.63(h/w)
1
h3w
(1.2)
here η corresponds to the dynamic viscosity of the ﬂuid, L the length of the channel, h is
the smallest dimension of the channel cross-section while w is the largest dimension.
By analogy, in electric circuits exists also a simple linear relationship between the voltage
diﬀerence ΔV and intensity I , ΔV = RI, here R is an electrical resistance. Both systems have
linear relations, such that an analogy between the two equations can be made: R corresponds
to RH , I to Q and ΔV to ΔP . The resemblance between the two equations allowed the use
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of electronic equivalent systems to calculate the ﬂuid ﬂows in microchannels, as exempliﬁed in
Figure 1.9 [65].
Figure 1.9: Example of electric circuit model describing the ﬂuid ﬂow in a simple microﬂuidic
device with parallelized channel. Qi corresponds to the ﬂow rate in each channel section i. The
pressure at the beginning of the channel is noted pin, at node A, pA, at node B, pB, and pout at
the output. Each channel section can be characterized by its hydrodynamic resistance RH,i and
its ﬂow rate, Qi. The Figure is adapted from [65].
Since the ﬂow is laminar, a simple analogy to electric circuits helps to determine ﬂuid ﬂows
within channels. In addition the laminar ﬂow regime enables manipulation of multiphase ﬂows
and in particular the controlled generation of monodisperse droplets.
1.3.3 Drop-based microﬂuidics
This speciﬁc ﬁeld of microﬂuidics emerged in the beginning of the new millennium and enabled
the production of monodisperse droplets [66]. The main applications of drop based microﬂuidics
are in the ﬁeld of biology where they can be used as individual reactor chambers for biological
materials. They are used to characterize cells on a single cell level [67, 68], for conducting
directed evolution of enzymes [69,70], single cell transcriptomics [71,72], drug screening [73,74],
or biomarker analysis [75–77]. These platforms are convenient for a fast and cheap detection
of biological reactions. In directed evolution for example, the cost of operation can be reduced
from 15 millions USD to less than 4 USD while the time for one experiment can be reduced from
2 years to just 7 hours for the same screening experiment [78].
In microﬂuidic devices drops are formed at a junction where two immiscible ﬂuids meet. Dif-
ferent junction geometries exist but the most often used ones are T-junctions and ﬂow-focussing
geometries. If larger quantities of drops must be produced, step emulsiﬁcation geometries are
often employed. A T-junction is the simplest geometry to form drops: the break up of a ﬂuid
stream that is injected in the junction is induced by the shearing of a second ﬂuid that ﬂows
orthogonally to the ﬁrst one, as seen in Figure 1.10A. In ﬂow-focussing junctions, two immiscible
phases are injected in a microchannel at a constant ﬂow-rate [66]. In this conﬁguration, a ﬁrst
phase is injected into the junction and sheared oﬀ from two sides by a second phase, thus forming
the drops in an output channel, as seen in Figure 1.10B [79]. The size of the drops produced
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with such devices depends on the dimensions of the channel and the relative ﬂow rates used to
inject the diﬀerent ﬂuids. Depending on the ﬂow rate, two types of regimes can be obtained:
dripping and jetting. In the dripping regime, drops form at the junction. By contrast, in the
jetting regime, drops form downstream the junction. In this case, a jet forms that breaks drops
through Rayleigh Plateau instabilities [80]. Flow rates can be adjusted using syringe or pressure
driven pumps. For example drops of 100 μm diameter can be produced with a frequency up
to 10 kHz [81]. Alternatively the production of drops through step emulsiﬁcation reduces the
dependance of the drop size on ﬂow rates. In this conﬁguration, a step change at the junction
between the two phases is introduced, leading to the production of drops through changes in
the surface curvature. Before the step, the inner phase is compressed so that the curvature in
z-direction of the inner ﬂuid is high whereas after the junction, the curvature in z-direction is
smaller because the ﬂuid is less constrained , as seen in Figure 1.10C [82]. Since the Laplace
pressure is proportional to the curvature, the ﬂuid is driven out of the nozzle by the pressure
gradient. The production rate with one nozzle is around 45 Hz but these nozzles can be easily
parallelized [83].
Increasing the drop production frequency necessitates to parallelize junctions. Parallelization
of ﬂow-focussing and T-junction devices is tedious because of the high dependance of the drop
size on the ﬂuid ﬂow rates. Hence this demands a precise control over the injection rate in
each paralleled nozzles, which is diﬃcult to achieve. By contrast, in step emulsiﬁcation devices
the size of the drops depends mainly on the geometry of the channel. Hence the reduced
dependance of the drop size on the ﬂuid ﬂow rates facilitates a controllable parallelization of
multiple junctions [83].
Figure 1.10: Optical microscopy images of the drop production with microﬂuidic devices.
Drop production in a (A) T-junction and (B) in a ﬂow focussing device. (C) Device with
multiple stations of step emulsiﬁcation drop makers.
To summarize, all devices enable the production of tens of micron sized drops with a very
narrow size distribution. Flow focussing and T-junction microﬂuidic devices oﬀer close control
over the drop size by varying the ﬂuid ﬂow rates but drop production rates are limited. By
contrast, step emulsiﬁcation techniques enable higher drop production rates because the drop
size is mainly dependant on the channel geometries. However, they oﬀer less ﬂexibility for the
production of double emulsion drops.
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1.3.4 Device fabrication
The size of the drops produced with microﬂuidics is strongly inﬂuenced by the channel geom-
etry. Hence a precise control over the dimensions of microﬂuidic devices is necessary. Multiple
techniques exist for the production of droplet microﬂuidic devices. In this introduction we focus
on two main techniques used to fabricate the devices that are based on glass capillaries and
polymer resins.
Glass is chemically inert to a large variety of solvents. Hence glass capillary microﬂuidics
allow the production of drops made from a wider range of solvent solutions. The dimensions
of the capillaries can be adjusted by heating them and pulling them controllably to the desired
diameter [80]. For drop production, a tapered circular capillary is coaxially introduced from
the left into a bigger square capillary. A ﬁrst phase ﬂows through the inner circular capillary,
while the second phase ﬂows in the interstice between the ﬁrst capillary and the outer capillary,
as shown in Figure 1.11A. When the two ﬂuids meet, drops form in the second capillary. The
size of the drops depends on the dimensions of the oriﬁce of the ﬁrst capillary and the relative
ﬂuid ﬂow rates. The capillary technology is convenient because the devices are chemically inert
such that a large variety of solvents can be processed. However, capillaries are manually aligned
such that there do not exist two identical devices, hence compromising the reproducibility of
experiments [84].
The production of microﬂuidic channels is much more reproducible if they are fabricated
through soft lithography techniques [60]. Soft lithography is often used to produce poly(dimethylsiloxane)
PDMS devices. The process can be divided in three main steps. The ﬁrst step consists of the
fabrication of a pattern containing the negative channels using photo lithography [85, 86]. A
layer of photosensitive resin with the desired thickness is spin coated onto a wafer. This resin is
exposed to UV through a mask to transfer the pattern from the mask onto the photoresist. The
uncrosslinked resin is removed, resulting in a master composed of crosslinked resin composed of
the negative channels contained on the wafer, as shown in Figure 1.11B. In a second step, PDMS
is cast on the master and cured by heating at 60°C. The resulting patterned PDMS piece can be
removed from the master, as shown Figure 1.11C. The PDMS piece is exposed to oxygen plasma
for subsequent bonding with a glass slide or another PDMS piece. The production of PDMS
devices is more reproducible because masters are employed. However, unlike glass capillaries,
PDMS devices swell when put in contact with most organic solvents [87]. To overcome this
limitation, it is possible to coat the surface with parylene to form a chemically inert protective
layer, hence enabling the use of a wider range of solvents [88].
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Figure 1.11: (A) Schematic illustration of a co-ﬂow glass microcapillary device. Image taken
from [84] (B) Schematic illustration of the photolitography process. Step 1: Deposition of
photoresist on silicon wafer. Step 2: UV illumination through mask to transfer pattern onto
the photoresist. Step 3: Removal of uncrosslinked photoresist. Adapted from [89](B) PDMS
microﬂuidic devices prepared using soft lithography. Step 1: preparation of the master with
photolitography. Step 2: casting of PDMS onto the master. Step 3: curing and removal of the
PDMS stamp. Step 4: exposure to an oxygen plasma to bond the device to a glass slide or an
another PDMS stamp.
To summarize, glass capillary devices are made of glass tubes compatible with a large variety
of solvents but they only allow access to a limited number of junction geometries. By contrast,
PDMS devices are more versatile in terms of geometrical shapes that can be produced but the
number of solvents that can be processed is much smaller, even if a protective layer is added.
Nevertheless, the PDMS device fabrication is a cheap and fast process that has become more and
more accessible and is now even used in industrial applications (Capsum, Fluidigm Corporation,
RainDance Technologies).
1.3.5 Production of double emulsions with microﬂuidics
Double emulsion drops used as templates for capsule production enable a higher versatility
in terms of shell materials that can be used (see Section 1.2.2). Additionally, control over their
shell thickness and therefore the kinetics of the release of encapsulants can be gained if they are
produced with microﬂuidic devices. Glass capillary devices as well as PDMS based microﬂuidic
devices are great tools to precisely tune the dimensions of the double emulsions [39].
For the production of double emulsions with glass capillaries, unlike in the single emulsion case
(see section 1.3.4), an additional circular capillary is inserted coaxially from the right side of the
square capillary. An inner aqueous phase is injected through the left cylindrical capillary. The
middle oil phase is injected through the interstice between the left cylindrical smaller and larger
square capillary. The outer phase is injected through the interstice between the smaller right
capillary and the larger square capillary and embeds the co-ﬂowing inner aqueous and middle
oil phases, as shown in Figure 1.12A. The three ﬂuids are then hydrodynamically focused in
the right cylindrical capillary in which the co-ﬂowing inner and middle oil phases break up
to form monodisperse W/O/W double emulsions that ﬂow through the collection capillary, as
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seen in Figure 1.12F. The double emulsions formed with glass capillary devices have typically
diameters ranging from 20 to 200 μm and an average shell thickness that varies from 3 to 20
μm, as demonstrated in Figure 1.12B-E [39]. The diameter can be controlled with the size of the
oriﬁce as well as with the relative ﬂow rates of the inner phase, Qi, middle phase, Qm and outer
phase Qo [90]. When Qm is decreased, the shell thickness of double emulsions also decreases
proportionally [84]. However the manual alignment of the two capillaries in a larger one can
prove to be a tedious task and the reproducibility of the fabrication of these devices is hence
limited.
The fabrication of PDMS devices is much more reproducible because they are made from a
master [91]. In one type of these devices, the inner and middle phases co-ﬂow before they are
processed into double emulsions through shearing by an outer phase, as shown in Figure 1.12G.
The range of diameters and shell thicknesses of double emulsions obtained with this PDMS
devices is similar to the one obtained with glass capillary devices.
Figure 1.12: Production of double emulsions in microﬂuidic devices. (A) Schematic illlus-
tration of a coaxial microcapillary device. The round injection and collection capillaries are
coaxially aligned within a larger square capillary. The co-ﬂowing inner and middle phases are
focused within the collection capillary by the outer phase that breaks them into double emulsion
drops (B to E) Double emulsion drops with shell thickness ranging from 3 to 20 μm (F) Double
emulsion drops ﬂowing through the collection tube. Figures are adapted from [84]. (G) Double
emulsions produced with PDMS devices. Water and oil phases co-ﬂow before they are broken
into (W/O/W) double emulsions.
Double emulsions produced with those techniques have well-deﬁned dimensions, hence the de-
velopment of reliable techniques to characterize their shells is necessary to use them as templates
for capsules.
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1.3.6 Characterization of double emulsion drops
When the shell thickness of double emulsion drops is of the order of a few microns, direct
measurements of the shell thickness using optical microscopy is not possible because their di-
mensions fall below the resolution limit of these microscopes. Two main indirect techniques can
be used for the measurement of double emulsion shells: compression and rupturing.
The shell thickness can be indirectly measured through compression of the double emulsions in
the vertical direction by constricting them between two microscope glass slides, thereby forcing
them to expand horizontally, as illustrated in Figure 1.13A [91]. The resultant shape of the
compressed emulsion is a spheroid with the same volume than non deformed double emulsion
drops. By volume conservation between the two states one obtains:
ts = R
[
1−
( rc
Rc
)2/3]
(1.3)
where ts is the shell thickness of the drop, R is the actual radius of the outer drop of the double
emulsions, and Rc and rc are the radius of the outer and inner drops of the double emulsions in
the compressed situation, respectively, as shown in Figure 1.13B. This method can be used for
double emulsion with shell thickness ranging from 2 to 10 μm.
If the shell is very thin (e.g less than one micron) the only remaining technique to measure the
shell thickness is rupturing of the drops. When the double emulsion ruptures, it leaves behind
an oil drop with the same volume as the volume of the oil contained in the shell, as seen in
Figure 1.13C and D. Knowing the outer diameter of the double emulsion drop, R, and of the
ruptured droplet, r, one obtains by volume conservation:
4
3
πR3 − 4
3
π(R− ts)3 = 4
3
πr3 (1.4)
Therefore the shell thickness can be determined using:
ts = R− (R3 − r3)1/3 (1.5)
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Figure 1.13: Techniques for measuring the shell thickness of double emulsions. (A) Optical
microscopy image of double emulsion drops compressed between two glass slides. (B) Schematic
representation of a double emulsion at rest and compressed on a xz plan (left) and on a xy plan
(right). Images adapted from [91]. (C) Optical microscopy image of a double emulsion at rest
with a radius R. (D) Resulting oil drop after the double emulsion drop ruptured with a radius
r.
These techniques reveal an average measurement of the shell thickness from double emulsions
as deﬁned in Figure 1.14A. However most often, there is a density mismatch between the oil
phase and the water phase. For example if ﬂuorinated oils are used to form W/O/W double
emulsions, the oil is denser than the two aqueous phases. Hence the lighter inner water core of
the double emulsion tends to rise to the top of the outer oil drop resulting in an oﬀset between
the centers of the aqueous inner drop and the outer oil drop. Hence the oil shell is thinner on
the top side and thicker at the bottom of the double emulsion drop, as schematically described
in Figure 1.14B. [92, 93]. This motion of the internal aqueous drop toward the top side can
destabilize the drop at the thinnest part of its shell and leads to its rupturing.
Figure 1.14: Schematic representation of inhomogeneity in the shell thicknesses of double
emulsions (A) Illustration of a double emulsion drop with its external radius and shell thickness.
(B) A double emulsion composed of ﬂuids with diﬀerent densities under the inﬂuence of gravity.
The density diﬀerence causes an oﬀset between the core and the outer drop.
Therefore when double emulsion drops are used as templates for capsules, most often their
shell thickness is heterogeneous. This heterogeneity changes the release rate of the capsules.
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1.3.7 Submicron shell double emulsion drops
The oﬀset between the center of the inner and outer drop can destabilize a double emulsion
droplet and inﬂuence the release kinetics of the capsule. A possibility to overcome this problem
is to increase the conﬁnement of the oil phase thereby increasing the viscous resistance to the
movement of the smaller inner drop within the larger oil drop [94]. This so called "lubrication
eﬀect" increases the lifetime, stability, and homogeneity of double emulsion drops. Hence it is
highly desirable to form double emulsion templates with an extremely thin shell, less than a
micrometer thick. However, forming double emulsion drops with shell thicknesses below one
micrometer is challenging and requires special microﬂuidics devices.
Double emulsions with submicron-sized shells can be produced with special glass capillary
devices that contain three round capillaries inserted into a rectangular capillary. The left circular
capillary is used to inject the middle phase while the inner aqueous phase is injected through the
additional small capillary. The outer phase ﬂows in the interstice between the left capillary and
the square capillary. Drops are collected in the outer right capillary, as seen in Figure 1.15A.
Double emulsion drops are produced in two steps. In the left circular capillary, the inner
aqueous phase is broken into water in oil plugs by operating the device in the dripping regime,
as shown in Figure 1.15B. Those plugs are surrounded by a thin layer of oil and broken into
drops by the outer aqueous phase. This two step emulsiﬁcation can produce double emulsions
with shell thickness as small as 800 nm [95]. However the control over the shell thickness is
limited because the ﬁrst and last double emulsion drops that form from each plug have thicker
shells, as illustrated in Figure 1.15C. Moreover two plugs are separated by oil. When this oil
reaches the 2nd junction, oil in water single emulsion drops form. Additionnally the thickness of
the submicron shell drops weakly depends on Qm but rather on the thickness of the lubrication
ﬁlm present between the capillary and the aqueous plug that is dependent on the wettability of
the glass capillary.
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Figure 1.15: Production of double emulsions with thin shells in glass capillary devices.(A)
Schematic illustration of the coaxial microcapillary device that enables production of double
emulsions with thin shells. An inner capillary is inserted into the left capillary. The aqueous
phase is injected into this capillary forming a plug in the left capillary. The middle oil phase is
injected between the small capillary and the left capillary. The outer aqueous phase is injected
in between the left circular capillary and the external larger square capillary. Drops are collected
in the right circular capillary. (B) Optical microscopy image of the plug formation within the
left capillary.(C) Optical microscopy image of the formation of double emulsions with thin shells
in a microﬂuidic glass capillary device. One can observe the formation of a drop with a thicker
shell at the end of a plug. Image are adapted from [95].
However the fabrication and operation of these glass capillary devices is complicated and thus
they are rarely used. Therefore a stable, controllable production of submicron double emulsion
droplets still remains a challenge to be met.
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Chapter 2
Material and methods
In this chapter we detail the PDMS microﬂuidic device and the ﬂuids used to form primary
double emulsion drops. Moreover, we describe the methods used to characterize the double
emulsion drop dimensions. We detail the resolution that is given by the experimental setup for
the determination of the radius and the shell thickness. Finally we describe a way to change
the middle phase viscosity of double emulsion drops without changing the interfacial tension by
adding a more viscous component to the oil phase.
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2.1 Surfactant
Throughout this work, we stabilize water/ﬂuorinated oil emulsions using a triblock copolymer
composed of two ﬂuorophilic KrytoxTM blocks interspaced by a hydrophilic PEG block. The
surfactant was synthesized as described previously and is diluted in a ﬂuorinated oil (3MTM
NovecTM HFE7500) [96, 97]. This system is commonly used in biological applications since the
ﬂuorinated oil has remarkable properties such as high oxygen solubility [96].
Figure 2.1: Chemical structure of the surfactant used in the experiments, in this thesis c+e =
6 and d = 12.5.
2.2 Double emulsion device fabrication
We fabricate all the microﬂuidic devices from PDMS (Dow Corning, USA) using soft lithogra-
phy, as previously presented in Section 1.3.4 [85,86]. W/O/W double emulsion drops with shell
thicknesses ranging from 4 to 15 μm are formed using PDMS based microﬂuidic devices [91].
They are composed of two main junctions, in the ﬁrst one the inner phase and middle phase
co-ﬂow. At the level of a second, three dimensional (3D) junction, the outer phase breaks this
co-ﬂow into double emulsion drops (see Section 1.3.5). This device is composed of 3D microchan-
nels with variable heights, as illustrated in Figures 2.2 A and B. Besides the height, the width
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of the channels vary: upstream the second junction where the drop is formed, the channel width
is 20 μm, while the outlet channel is 100 μm wide. The outer phase is injected laterally with an
angle of 45°.
Figure 2.2: Schematic illustration of the double emulsion device. (A) The colors of the
schematic represents the diﬀerent height of the device: the green microchannels are 80 μm
tall, the orange microchannels 40 μm tall and the blue microchannels 120 μm tall. (B) 3D
representation of the device.
2.3 Surface treatment of double emulsion device
To produce double emulsions the diﬀerent sections of the microﬂuidic device must be surface
treated diﬀerently. The PDMS device was activated with 1M NaOH solution that was kept in the
channels for 10 min before it was removed with compressed air. The diﬀerence in hydrodynamic
resistance between the output channels and the inlet channels created by the S-shape of the
inner phase and middle phase injection channels enables us to selectively only surface treat part
of the device. To render the main channel downstream the 3D junction hydrophilic (blue section
in Figure 2.2A), we treated it with an aqueous solution containing 2 wt% polydiallyldimethylam-
monium chloride (Sigma-Aldrich, USA). To render the injection channels ﬂuorophilic (orange
and green section of Figure 2.2A), we treated them with an HFE-based solution containing 2
wt% of trichloro(1H,1H,2H,2H-perﬂuorooctyl)silane (Sigma-Aldrich, USA). The solutions were
kept in the channels for 30 min before the channels were dried with compressed air.
2.4 Composition of W/O/W double emulsions
As an innermost phase, we employ an aqueous solution containing 20 wt% PEG (Mw =
6 kDa); PEG is added to increase the viscosity of the inner phase, thereby facilitating the
assembly of double emulsion drops. The middle phase is composed of a perﬂuorinated oil,
HFE7500, containing 3 wt% of a triblock surfactant that has two perﬂuorinated blocks that are
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separated by a PEG-based block, as presented in Section 2.1 [96, 97]. The outermost aqueous
phase contains 10 wt% partially hydrolyzed poly(vinyl alcohol) (PVA) (Mw = 13-23 kDa).
2.5 Quantiﬁcation of the shell thickness and measure-
ment accuracy
We cannot quantify the shell thickness directly from optical microscopy images of double
emulsions because it is at or below the resolution limit, as previously described in Section 1.3.6.
To quantify the shell thickness, ts, we measure the outer radius of the double emulsion drop, R,
using optical microscopy. We subsequently rupture the drop by adding isopropanol to the outer
phase and measure the radius of the resulting oil drop, r [1]. By volume conservation we obtain:
ts = R− (R3 − r3)1/3 (2.1)
Isopropanol has a limited solubility in the ﬂuorinated oil. To test if its presence signiﬁcantly
inﬂuences our measurements, we quantify the shell thickness by compressing double emulsion
drops with a glass slide and measuring the resulting shell thickness, by analogy to the method
that has previously been employed to quantify shell thicknesses of double emulsion drops [91].
While this method works well for shell thicknesses above 1 μm, we cannot quantify shell thick-
nesses below this value. However, we employ this method to test the accuracy of the ﬁrst method
that involves the use of isopropanol on double emulsion drops with shell thicknesses well above
1 μm. To further test the accuracy of our method, we calculate the shell thickness from the
measured drop generation frequency and the known ﬂuid ﬂow rate of the middle phase: when
formed with a microﬂuidic double emulsion device, the amount of oil in a double emulsion drop
is proportional to the ﬂow rate of the middle phase, Qm, divided by the frequency of formation
of the drops, f . By volume conservation, we obtain
ts = R− (R3 − (Qm
f
)3)1/3 (2.2)
here Qm is varied from 600 μL/h to 900 μL/h. The shell thicknesses obtained with all three
methods are in excellent agreement, as shown in Figure 2.3, indicating that the presence of
isopropanol does not signiﬁcantly inﬂuence the calculated shell thickness.
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Figure 2.3: Shell thickness of double emulsion drops, ts, as a function of the ﬂow rate of the
middle phase of the microﬂuidic double emulsion device, Qm, determined using the known drop
generation frequency and ﬂow rate of the middle phase, (), compression using a glass slide (◦),
and using isopropanol to rupture the drops ().
Because the use of isopropanol to rupture double emulsions is the most sensitive method to
determine shell thicknesses, we use this method to determine all shell thicknesses throughout
this thesis.
2.6 Accuracy of the drop radius measurement
In this manuscript, all measurements of drops dimensions are repeated on at least 20 diﬀer-
ent drops to calculate standard deviations. But this experimental precision is limited by the
experimental error determined by measurement tools.
To quantify the drop radius, we acquire images with pixel sizes of 0.5×0.5 μm2 such that
the resolution limit on these images is 1 μm. To increase the accuracy of our measurements,
we quantify the total area, A, of the drops and obtain a measurement error of the area of
ΔA  1 μm2. We calculate the upper and lower limit of the drop area, A+, and A−, using:
A+ = π(R+ΔR)2 and A− = π(R+ΔR)2; here R is the mean radius (around 50 μm) and ΔR
the given error of the measurement. Hence, we obtain:
A+ −A− = 2ΔA = π[(R+ΔR)2 − (R−ΔR)2] (2.3)
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Therefore ΔR  0.05 μm. Hence, using this technique, we can obtain a resolution of 0.1 μm
instead of 1 μm that is achieved through a direct quantiﬁcation from optical micrographs.
2.7 Accuracy of the shell thickness measurement
Using optical microscopy images and volume conservation, we determine the shell thickness,
ts, as detailed in Section 1.3.6 using:
ts = R− (R3 − r3)1/3 (2.7)
The largest error in quantifying ts comes from the measurement of R. To determine this
error, we quantify an upper and lower limit for the shell thickness t+s and t−s , by adding and
subtracting the measurement error of R, ΔR:
t+s = R+ΔR− [R+ΔR)3 − r3]1/3 (2.8)
t−s = R−ΔR− [(R−ΔR)3 − r3]1/3 (2.9)
Hence the maximum error on the measurement for the shell thickness is determined by:
Δts = t
+
s − t−s = 2ΔR− [(R+ΔR)3 − r3]1/3 − [(R−ΔR)3 − r3]1/3 (2.10)
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If we consider ΔRR << 1 and (
r
R)
3 << 1 we can adapt the formula:
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In our case, double emulsions with thin shells typically have dimensions of R  50 μm, ΔR
 1 μm and r  15 μm. Hence the assumptions ΔRR  0.02 << 1 and
Ä
r
R
ä3  0.06 << 1 hold
and we obtain Δts  2 nm. The resolution can therefore be estimated to be around 10 nm which
is well below the resolution limit of an optical microscope.
2.8 Viscosity measurments
To change the viscosity of the middle oil phase of double emulsions without changing the
interfacial tension we add KrytoxTM GPL to the ﬂuorinated oil phase. The viscosity of the oil
is quantiﬁed with a DHR3 Rheometer using the coaxial cylinder geometry (TA Instrument). We
vary the shear rate from 0.1 to 100 s−1, keeping the strain constant at 1%, measurements are
performed with a rheometer (TA instruments DHR3).
30
Material and methods Viscosity measurments
Figure 2.4: Viscosity of the middle phase, μ0 as a function of the volume percentage of GPL
added to the initial HFE7500 phase.
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Chapter 3
Reduction of shell thickness of double
emulsions using microﬂuidics
Antoine Vian, Valentine Favrod and Esther Amstad
In this chapter, a simple technique to obtain double emulsion drops with submicrometer thick
shells is demonstrated. It consists of a microﬂuidic channel that encompasses a constriction, as
a primary double emulsion drop travels through the constriction, it is deformed and a single
emulsion oil drop detached from the shell of the double emulsion. The pinch oﬀ process of the
oil drop is explained and key parameters aﬀecting this pinch oﬀ behaviour are tested.
This chapter is adapted from the paper entitled "Reducing the shell thickness of double
emulsions using microﬂuidics", authored by Antoine Vian, Valentine Favrod and Esther
Amstad, published in Microﬂuidics and Nanoﬂuidics, in 2016, volume 20, pages 1-9 [1].
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3.1 Abstract
Double emulsion drops are well-suited templates to produce capsules whose dimensions can
be conveniently tuned by adjusting those of the drops. To closely control the release kinetics of
encapsulants, the composition and thickness of the capsule shell must be precisely tuned; this
is greatly facilitated if the shell is homogeneous in its composition and thickness. However, the
densities of the two drops that form the double emulsions are often diﬀerent, resulting in an
oﬀset of the two drop centers and therefore in an inhomogeneous shell thickness. This diﬃculty
can be overcome if the shell is made very thin. Unfortunately, a controlled fabrication of double
emulsions with thin shells is diﬃcult. In this chapter, we present a microﬂuidic squeezing device
that removes up to 93 vol% of the oil from the shell of W/O/W double emulsions. This is achieved
by strongly deforming drops; this deformation increases their interfacial energy to suﬃciently
high values to cause splitting of double emulsions into double emulsions with a much thinner
shell and a single emulsion oil drop. Therefore, we can reduce the shell thickness of the double
emulsion down to 330 nm. Because this method does not rely on solvent evaporation, any type
of oil can be removed. Therefore, it constitutes a new way to produce double emulsions with
very thin shells that can be converted into thin-shell capsules made of a broad range of materials.
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3.2 Introduction
A capsule can be made from a double emulsion drop, which is a drop contained in a second,
larger drop made of an immiscible liquid that is dispersed in a third ﬂuid [39]. Drops of a well-
deﬁned structure can be produced using microﬂuidics because this technique oﬀers an excellent
control over the ﬂuid ﬂow. This tight control allows tuning the diameter and shell thickness
of double emulsions by adjusting the device geometry and ﬂuid ﬂow rates as demonstrated in
Section 1.3.5 [84, 98, 99]. The diameters of these double emulsion drops can be conveniently
varied between 20 and 200 μm, whereas their shell thicknesses typically range from 10 to 40
μm [39,46,100]. However, in many cases, the densities of the inner and outer drops are diﬀerent
such that their centers are oﬀset [93, 101]. If such drops are converted into capsules, their shell
thickness varies, hampering good control over the release kinetics of encapsulants [93]. This
diﬃculty can be overcome if the shell is made very thin such that the oﬀset of the two centers
is minimal, as detailed in Section 1.3.7.
Reduction in the shell thickness brings an additional beneﬁt: It makes double emulsions more
stable against rupture. Rupture of double emulsion drops is typically caused by the coalescence
of the innermost aqueous drop with the continuous aqueous phase. For this coalescence to
occur, the innermost drop must move toward one of the interfaces between the outer oil drop
and the continuous aqueous phase; this movement requires ﬂow of ﬂuid contained in the double
emulsion shell [95]. The hydrodynamic resistance that impedes this ﬂuid ﬂow increases with
decreasing shell thickness [102], and if the shell is suﬃciently thin, the hydrodynamic resistance
becomes so high that only minimal ﬂuid ﬂow occurs. As a result, double emulsions with thin
shells have a lower propensity to coalesce. Unfortunately, it is very diﬃcult to make double
emulsion drops with shell thicknesses below 5 μm using microﬂuidics. It can be achieved by
employing special glass capillary devices that are designed to make double emulsion drops with
thin shells, as detailed in Section 1.3.7 [95,103,104]. However, the fabrication of these devices is
diﬃcult as diﬀerent tapered glass capillaries must be manually precisely aligned. To overcome
this diﬃculty, microﬂuidic devices that rely on the same assembly principle but can be fabricated
using soft lithography have been developed; their fabrication requires only minimal alignment
which facilitates their production (See Section 1.3.4) [91]. However, these devices can only make
double emulsions with shell thicknesses down to 2.5 μm. This thickness can be reduced if their
shells contain volatile oils that have some solubility in the outer phase, such that they slowly
dissolve and evaporate from the liquid air interface [46, 105]. However, there are only very few
solvent mixtures that fulﬁll all requirements such that they can be removed through evaporation,
and these usually contain toxic solvents such as chloroform or toluene, which prevents most
biomedical applications [106, 107]. Alternatively, up to 30 vol% of the solvent can be removed
from the shell by pushing double emulsions through constrictions [91,108]. This method does not
impose any requirements on the solvent choice, thereby also allowing removal of biocompatible
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solvents that have no solubility in the aqueous phase whatsoever. However, the amount of oil
that can be removed is very limited. Hence, techniques that enable eﬃcient and controlled
removal of a wide range of solvents from double emulsion shells remain to be established. Such
techniques would facilitate the production of double emulsion drops with thin shells, thereby
broadening their use as templates to make thin-shell capsules composed of a wide variety of
materials.
In this chapter, we introduce a microﬂuidic squeezing device that enables removal of up to
93 vol% of the oil contained in shells of W/O/W double emulsion drops. This is achieved by
strongly deforming double emulsion drops such that their interfacial energy becomes so high that
the leading end, which only contains oil, of the drop pinches oﬀ. Therefore, the double emulsion
drop is split into a double emulsion drop with a much thinner shell and a single emulsion drop.
The shell thickness of the resulting double emulsion drop can be conveniently controlled with
the constriction geometry or the ﬂuid ﬂow rates. This technique constitutes a facile route to
controllably reduce the thickness of shells of double emulsion drops after they have been formed
without changing the composition of either the shell or the surrounding media.
3.3 Materials and methods
3.3.1 Device fabrication and dimensions
We fabricate the microﬂuidic squeezing device from PDMS using soft lithography, as detailed
in Section 1.3.4 [85, 86]. It consists of one inlet that leads into a 100-μm-wide channel which is
conﬁned on a length of 190 μm to form a constriction whose width varies between 20 and 40
μm, before it opens up again to 100 μm.
3.3.2 Operation of the squeezing device and drop collection
Double emulsion drops produced using microﬂuidic ﬂow focusing device (see Section 1.3.5) are
injected into the squeezing device with a ﬂow rate q using volume-controlled syringe pumps. We
collect a mixture of double emulsion drops with thinner shells and single emulsion oil drops. The
two types of drops can be separated by exploiting the density diﬀerence between the oil and the
aqueous phase: The density of HFE-7500 is 1.6 times higher than that of water, and hence, the
single emulsion drops sediment to the bottom of the collection. To make double emulsions ﬂoat,
they can be collected in an aqueous solution containing an appropriate amount of glycerol. In
this case, the density of the collecting solution is signiﬁcantly higher than that of the aqueous
core of double emulsions. If the double emulsion shell, which is denser than the water/glycerol
mixture, is suﬃciently thin such that its volume fraction is small, the average density of the
double emulsions is lower than that of the water/glycerol mixture. As a result, double emulsions
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ﬂoat, while single emulsions sink such that the two diﬀerent types of drops can conveniently be
separated.
3.3.3 Energy required to separate a double emulsion drop into
two drops
Splitting a drop costs interfacial energy. We estimate the interfacial energy required to form
a drop which has originally a shell thickness ts0, into a drop which has a shell ts by measuring
the added surfaces between the two systems. The initial interfacial energy of the drop at rest,
Ei is the sum of the interfacial energy of the inner aqueous drop and the oil shell and that of
the oil shell with the outer aqueous phase
Ei = 4πγR
2
i + 4πγ(R+ ts0)
2; (3.1)
here Ri is the inner radius of the double emulsion drop. The sum of the interfacial energies
of the resulting single emulsion drop and the double emulsion drop with a much thinner shell,
Ea, is
Ea = 4πγR
2
i + 4πγ(Ri + ts)
2 + 4πγr2; (3.2)
here r is the radius of the remaining oil drop, ts0, the shell thickness before the oil is pinched
oﬀ, and ts, the shell thickness after the oil drop has been pinched oﬀ. By volume conservation
we obtain :
r3 = (Ri + ts)
3 − (Ri + ts0)3 (3.3)
and therefore by combining equation (3.2) and (3.3)
Ea = 4πγR
2
i + 4πγ(Ri + ts)
2 + 4πγ((Ri + ts)
3 − (Ri + ts0)3)2/3 (3.4)
Hence, the energy required to split a double emulsion drop with a shell thickness, ts0 into one
with a shell thickness, ts and a single emulsion oil drop; Es is obtained by subtracting equation
(3.4) from (3.1):
Es = Ea − Ei = 4πγ((Ri + ts)2 − (Ri + ts0)2 + [(Ri + ts)3 − (Ri + ts0)3]2/3) (3.5)
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3.4 Results and discussion
3.4.1 Device operation
We inject a solution containing double emulsion drops with an outer diameter of 84.1 ± 0.8
μm and a shell thickness of 5.21 ± 0.23 μm into the squeezing device, as shown in the optical
micrographs in Figures 3.1A and B. These double emulsions are pushed through a microﬂuidic
squeezer, schematically shown in Figure 3.1C. The collected solution contains equal numbers
of single and double emulsion drops. The size distributions of the single and double emulsion
drops is very narrow, yet their diameters are distinctly diﬀerent, as exampliﬁed in the optical
micrograph in Figure 3.1D. Because the density of the double emulsion drops is diﬀerent from
that of single emulsion drops, they can be separated in the collection vial if it contains a liquid
with an intermediate density, as detailed in the experimental section 3.3.2.
Figure 3.1: (A) Overview and (B) close view of double emulsion drops with an initial shell
thickness ts0 (C) Schematic illustration of the squeezing device of height h containing a con-
striction of width w. The continuous phase ﬂows at a speed v through the constriction. (D)
Optical micrograph of a squeezed double emulsion drop with a shell thickness ts (inset) and the
oil drop that has been pinched oﬀ during the squeezing process (right)
The shells of collected double emulsions are much thinner than those of injected drops. To
investigate the mechanism by which single emulsion oil drops form at the expense of the shell
thickness of the double emulsion drops, we visualize their ﬂow through constrictions using a high
speed camera operated at 3000 frames per second. Because the drop diameter is larger than
the channel height, they are deformed as soon as they enter the main channel. Remarkably,
the deformed double emulsion drop is not symmetric. Instead, the center of the aqueous drop
is located further upstream compared to that of the oil drop, resulting in an oﬀset of the two
drop centers, O, as shown in the inset of the optical micrograph in Figure 3.2A. Once the drop
is pushed into the constriction, it deforms even more, as shown in time-lapse optical microscopy
images in Figure 3.2A. At some point, it deforms so strongly that the leading end of the drop that
is exclusively composed of oil is pinched oﬀ. The resulting single emulsion oil drop is completely
detached from the double emulsion drop, whose shell thickness is signiﬁcantly reduced, as shown
in Figure 3.2A.
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Figure 3.2: Optical time-lapse micrographs of double emulsion drops ﬂowing through a 40-
μm-wide and 60-μm-tall constriction at a ﬂow rate of (A) 260 μL/h, (B) 150 μL/h, and C)
3750 μL/h. The inset in (A) deﬁnes the oﬀset O of the center of the outer oil drop (red) and
the inner aqueous drop (blue)
3.4.2 Interfacial energy associated with drop splitting
To investigate the reason for the oﬀset of the two drop centers of the deformed double emul-
sions, we consider the pressure distribution within these drops. For drops contained in a microﬂu-
idic channel under laminar ﬂow conditions, the pressure at their leading end is lower than that
at their tailing end [109]. This pressure diﬀerence drives ﬂuid ﬂow inside the double emulsion
drop. The resulting ﬂuxes of the inner aqueous phase and the middle oil phase, qw = Δp/RH,w
and qo = Δp/RH,o, are inversely proportional to their hydrodynamic resistance, which we ap-
proximate to be that in a rectangular channel:
RH,n =
12μnL
1− 0.63(h/w)
1
wh3
(3.6)
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here μn is the dynamic viscosity of the ﬂuid, L the length of the channel, w its width, and h
its height, as described in Section 1.3.2. The viscosity of the oil is eight times lower than that of
the PEG-containing aqueous phase such that the hydrodynamic resistance for the oil to ﬂow is
eight times lower than that for the aqueous phase. Hence, the oil ﬂows much faster toward the
leading end of the double emulsion than the aqueous phase does, resulting in an oﬀset, of the
two drop centers, as shown in the inset of Figure 3.2A. In the constriction, this oﬀset reach its
maximum value, Om, as shown in Figure 3.3B. The oﬀset is directly correlated to the viscosity
of each phase, therefore if the oil is more viscous that the inner phase, the core should ﬂow faster
than the shell. This oﬀset is required to pinch a single oil drop oﬀ the leading end of the double
emulsion drop.
However, this oﬀset is not a suﬃcient condition for the drop pinch-oﬀ to actually occur. The
injected double emulsion drops only split into a double emulsion with a thinner shell and a
single emulsion oil drop if they are strongly deformed inside the constriction. We expect this
deformation to be caused by the shear stress that acts on the drop while it passes this constriction.
To investigate the inﬂuence of the shear stress on the drop deformation, we vary the shear stress:
τ = μcv(
1
w
+
1
h
) (3.7)
by changing ﬂuid ﬂow velocity in the constriction, v, while we keep the other parameters
constant; here μc is the dynamic viscosity of the continuous phase.
To quantify the drop deformation, we estimate the drop external surface area; because the
diameter of the drop is much larger than the channel height such that it is strongly deformed
in this direction, we approximate its cross-section as a rectangle. We measure the projected
perimeter, Cl, of the drop from optical micrographs and multiply this value with the device
height; Cl corresponds to the contour length of the drop when its deformation is maximal, as
shown in the optical micrograph in Figure 3.3A. Therefore, this deformation corresponds to
that just before the oil drop pinches oﬀ. Because the diameter of the drop is much larger than
the channel height, the drop is strongly deformed and we approximate its cross-section to be
rectangular. With this approximation, we estimate the drop external surface area, Ad = Cl.h,
with h the height of the channel. Using this surface area, we calculate the deformation energy
as Ed = γClh; here γ is the interfacial tension between the oil and the water. To determine
the relative deformation we compute the diﬀerence in surface area of the undeformed drop,
A0 = 4πR
2, with R the external radius of the drop, and that of the maximally deformed one,
Ad, and normalise this diﬀerence with A0:
ΔA
A0
=
Ad −A0
A0
(3.8)
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Figure 3.3: (A) Optical micrograph of a double emulsion before an oil drop pinches oﬀ. The
line represents the contour length, Cl, used for calculating the deformation energy. (B) The
distance between the center of the two ellipsoid is used to characterize the oﬀset at maximum
deformation, Om.
For velocities above 4 cm/s, ΔAA0 only weakly depends on v: it decreases by 10% if v is increased
by a factor of 2.5, as shown in Figure 3.4A. This result indicates that there is a characteristic
deformation above which double emulsion drops split into two drops. This deformation is reached
if v > 4 cm/s. By contrast, if v < 4 cm/s, the shear stress is too low to deform the double emulsion
drop suﬃciently to cause pinch-oﬀ of a single emulsion oil drop. For example, if v = 3.6 cm/s,
the normalized drop surface only increases by 40 %. This increase in surface area is insuﬃcient
to cause detachment of an oil drop such that the shell thickness of the double emulsion drop
remains unchanged upon squeezing, as shown in the time-lapse optical micrographs in Figure
3.2B.
Figure 3.4: (A) Relative change in surface area normalized by the initial surface area, ΔAA0 , as
a function of the velocity of the continuous phase in the constriction, v. (B) Diﬀerence in the
interfacial energy of the maximally deformed injected double emulsion drop, Ed, and the sum of
the interfacial energies of the double emulsion drop with a thinner shell and the single emulsion
drop, Es, as a function of v, for injected double emulsions with a diameter of 84.1 μm that are
pushed through 20 μm wide and 60 μm tall constriction.
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An increase in the deformation of a drop increases its interfacial area and therefore its interfa-
cial energy. If the deformation is suﬃciently high, we expect the system to be able to minimize
the interfacial area by splitting the drop into two as this lowers the total interfacial energy [110].
To test this expectation, we estimate the changes in interfacial energies involved in the deforma-
tion by multiplying the total surface area with the interfacial tension of the ﬂuorinated oil and
water, γ = 5 mN/m. To test whether we can assume the interfacial tension to be in equilibrium
while drops pass the constriction, we calculate the time for a surfactant to diﬀuse 20 nm, which
is the length of a stretched surfactant molecule, using the diﬀusion coeﬃcient for the perﬂuo-
rinated surfactant in HFE-7500 [111]. This diﬀusion time is 100 times lower than the time it
takes to deform the drop. Hence, we assume the interfacial tension to always be in equilibrium.
While the drop passes the constriction, its interfacial area increases by up to 90% compared to
that of a drop at rest. This corresponds to an increase in the interfacial energy of 8.5.10−11 J.
In this case, the interfacial energy of the highly deformed double emulsion drop, Ed = γAd, is
higher than interfacial energy the sum of the double emulsion drop with a thinner shell and a
single emulsion drop, Es, as shown in Figure 3.4B. The calculation of Es is detailed in preamble
in Section 3.3.3. Hence, it is energetically favorable to detach a single emulsion drop from the
shell of a highly deformed double emulsion drop. By contrast, if Ed < Es, no oil drop detaches,
as observed in Figure 3.2B, which corresponds to the ﬁrst data point in Figure 3.4B.
3.4.3 Minimal velocity required to split a drop
Drops deform because they are subjected to shear stresses. If the deformation of the double
emulsion drop scales with the shear stress and therefore the ﬂuid velocity in the constriction, we
should be able to predict the minimal velocity, vt, below which no drop detaches. Drops start to
detach if the interfacial energy of the deformed drop is equal to the sum of the separated single
and double emulsion drops. We expect the energy required to split an injected drop, Es, to scale
with the product of the shear stress and the constriction volume. To determine the minimum
velocity at which drops must be pushed through constrictions to pinch oﬀ one single emulsion oil
drop, we balance the additional interfacial energy, that must be created to pinch oﬀ the single
emulsion oil drop, Es, with the energy that results from the shear stress, Eτ . To estimate Eτ ,
we approximate the stress force Fτ in the constriction from the shear stress in the middle of the
constriction caused by the four channel walls:
Fτ = 4μlv
Ä h
w
+
w
h
ä
(3.9)
here μ is the dynamic viscosity of the oil, l, the length of the constriction channel, v, the
velocity in the channel, h its height and w its width. We convert Fτ into Eτ by multiplying it
with the channel length, l:
Eτ = 4μl
2v
Ä h
w
+
w
h
) (3.10)
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By equating this expression with Es, we obtain the minimum velocity at which drops must
ﬂow through constriction to allow an oil drop to pinch oﬀ:
vt =
πhw
μl2(w2 + h2)
[(Ri + ts)
2 − (Ri + ts0)2 + ((Ri + ts0)3 − (Ri + ts)3)2/3] (3.11)
Using this formula, we can calculate vt to be 5.8 cm/s, which is in fair agreement with the
experimentally observed threshold value of 4 cm/s.
3.4.4 Eﬃciency of the removal as a function of the velocity in the
constriction
The shell thickness of double emulsion drops can usually be controlled with the ﬂuid ﬂow
rates. To test whether this is also the case for double emulsions that have been squeezed
through a constriction, we quantify the shell thickness, ts, as a function of the ﬂuid velocity in
the constriction v. Because this thickness is below the resolution limit of an optical microscope,
we measure the outer diameter of the double emulsion drop. We subsequently rupture this drop
with isopropanol and measure the diameter of the resulting oil drop from optical micrographs.
Using these two diameters and volume conservation, we can calculate the shell thickness, as
detailed in Section 1.3.6.
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Figure 3.5: (A) Inﬂuence of the speed of the continuous phase in the constriction, v, on the
shell thickness of double emulsion drops after they have been squeezed, ts. (B) Oﬀset of the
centers of the inner and outer drops before they enter the constriction, O, as a function of v. (C)
Inﬂuence of O on the shell thicknesses of the resulting double emulsion drops. (D) Relative shell
thickness, ts/ts0, as a function of the viscosity of the oil phase, μ0. For all these measurements,
we employ a 20-μm-wide, 60-μm-tall constriction
The shell thickness of the collected double emulsion drops depends on the ﬂuid velocity in
the constriction. If double emulsions are pushed across the constrictions at v below 4 cm/s,
no oil is removed and the shell thicknesses of the squeezed double emulsions are equal to those
of the injected ones. By contrast, if double emulsions are pushed across the constriction at v
> 4 cm/s, oil is removed such that their shell thicknesses decrease while they are squeezed.
Remarkably, the amount of oil that is removed during the squeezing process decreases with
increasing v for v > 6 cm/s. As a result, the shells of squeezed double emulsions are thinnest
if they are pushed across at 4 cm/s < v < 6 cm/s, as shown in Figure 3.5A. To investigate the
reason for the increase in shell thickness with increasing v for v > 6 cm/s, we increase q even
more to 3750 μL/h, corresponding to v = 112 cm/s and visualize the squeezing of drops with a
high-speed camera. In this case, the positions of the centers of the inner aqueous and the outer
oil drops are nearly identical and no large oil drop can detach. Instead, many much smaller
oil drops are sheared oﬀ the surface of the double emulsion drop, as shown in the time-lapse
optical micrographs in Figure 3.2C. To determine the reason for this change in the formation
of oil drops, we quantify O as shown in Figure 3.2 and plot it as a function of v. The oﬀset
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decreases with increasing v, as shown in Figure 3.5B. This decrease in O is related to a change
in the complex ﬂuid ﬂow inside the drop, which depends on parameters such as the drop size
relative to the channel geometry, the capillary number, the viscosity ratios, and the interfacial
tension [112,113]. Another contributing reason for the decrease in O with increasing v is a change
in the driving force for ﬂuids contained in the drop to ﬂow toward its leading end: The pressure
gradient Δp around the double emulsion drop decreases with increasing v. This decrease in Δp
is caused by the decrease in the hydrodynamic resistance experienced by the continuous phase
that is locally induced by the presence of a drop in the microﬂuidic channel, with increasing
v [109]. Hence, the diﬀerence in the induced resistance of the aqueous phase Rh,w and the oil
phase RH,o inside the double emulsion drops decreases with increasing v, such that the oﬀset
of the drop centers decreases with increasing v. As the drop center oﬀset becomes smaller, less
oil can detach and the thickness of the resulting double emulsion increases, as shown in Figure
3.5C. Hence, there is an optimum ﬂow rate where drops are suﬃciently deformed for an oil drop
to detach, yet where the oﬀset of the two centers is still large enough such that a high fraction
of the oil is pinched oﬀ.
The ﬁnal shell thickness of the squeezed double emulsion depends on the volume of oil contained
in the injected double emulsion drop upstream its neck that eventually results in the pinch-oﬀ
of a single emulsion oil drop. This oil will remain in the shell of the squeezed double emulsion,
and hence, it will determine its ﬁnal shell thickness. Because the neck is always located at
some distance apart from the interface of the innermost aqueous phase, there will always be
some oil that remains in the shell of squeezed double emulsions. We expect the fraction of oil
contained upstream the neck of the deformed double emulsion to increase with decreasing oﬀset
of the two drop centers. This oﬀset depends on the diﬀerence in the hydrodynamic resistance
experienced by the inner aqueous phase and the oil phase, and hence, it should scale with
the ratio of their viscosities. Because in our case, the viscosity of the oil phase is lower than
that of the aqueous phase, we expect the oﬀset to become smaller with increasing oil viscosity,
resulting in increased shell thicknesses of squeezed double emulsions. To test this expectation, we
increase the viscosity of the oil by adding diﬀerent amounts of KrytoxTM GPL, a more viscous
ﬂuorinated oil, to HFE-7500, as detailed in Section 2.8. Indeed, the shell thickness of squeezed
double emulsions increases with the viscosity of the oil, as shown in Figure 3.5D.
3.4.5 Inﬂuence of the constriction geometry
The amount of oil that is removed from the shell of double emulsions while they are squeezed
depends on the extent of their deformation. This deformation can be tuned with the operation
parameters, such as the velocity with which double emulsions pass the constriction. Moreover, it
can be tuned with the composition of the double emulsion, such as the viscosity ratios of the oil
and the continuous phase. However, maybe the easiest way to control the drop deformation is by
controlling the constriction geometry. To test whether we can indeed control the shell thickness
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of squeezed double emulsions with the constriction geometry, we fabricate devices with heights
between 40 and 100 μm, keeping their width constant at 20 μm. We inject double emulsion drops
with 5.21 ± 0.23 μm thick shells and measure their minimal thickness, tmin, after their passage
through the constriction as a function of its height. Their shell thickness decreases from 1.34
μm for h = 100 to 0.330 μm for h = 40 μm, as shown by the squares in Figure 3.6A. Similarly,
if we increase w to 40 μm, the shell thickness increases with increasing height, albeit these shells
remain thicker, as shown by the circles in Figure 3.6A. To relate the drop deformation to the oil
removal, we plot the ﬁnal shell thickness, tmin, normalised by the initial shell thickness, ts0, as
a function of the deformation index:
D.I. =
(Ld − wd)
(Ld + wd)
(3.12)
here Ld is the length and wd the width of the drop at its maximum deformation, as shown
in the inset in Figure 3.6B. When D.I. = 0, the drop is at rest; otherwise, D.I. > 0 [109]. As
expected, the relative shell thickness decreases with increasing drop deformation, as shown in
Figure 3.6B. This result indicates that the volume of oil located upstream the neck that results
in the pinch-oﬀ of the oil drop decreases with increasing deformation. Our result could indicate
that the distance between the neck and the interface of the innermost aqueous drop decreases
with increasing drop deformation. However, our result could also indicate that the oﬀset of the
two drop centers increases with increasing drop deformation such that more oil is located at
the leading end of the injected double emulsion. To investigate the reason for the decrease in
shell thickness with increasing drop deformation, we quantify the oﬀset of the drop centers at
the point of maximum deformation of the outer drop, Om, immediately before the oil drop is
pinched oﬀ, as a function Ld, as detailed in Figure 3.3B. The oﬀset increases with Ld, as shown
in Figure 3.6C, indicating that a stronger deformation results in an increased oﬀset of the two
drop centers, which enables pinching oﬀ a larger oil drop from the leading end of the double
emulsion drop.
Figure 3.6: (A) Variation of the shell thickness, ts, as a function of device height, h for
(open square) 20-μm and (open circle) 40-μm-wide constrictions. (B) Inﬂuence of the maximum
deformation of the drop, deﬁned as the deformation index D.I. = (Ld − wd)/(Ld + wd) on the
relative shell thickness, tmin/ts0. (C) Inﬂuence of the length of the outer drop at its maximum
deformation, Ld, on the oﬀset of the two drop centers when the drop is maximally deformed,
Om.
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3.4.6 Inﬂuence of the shell of primary double emulsions
Our results indicate that the amount of removed oil scales with drop deformation. This
deformation depends on the ratio of the double emulsion diameter to the constriction dimensions.
However, we expect it to be independent of the initial shell thickness. To test this expectation,
we produce 92-μm-diameter double emulsion drops with shell thicknesses varying between 5
and 9 μm. Indeed, in all cases, the shell thickness after squeezing is proportional to the initial
shell thickness, as seen in Figure 3.8A, such that the relative change in the shell thickness is
independent of the initial shell thickness, as shown in Figure 3.8B. In all cases, approximately
93 vol% of the oil is removed. Importantly, this procedure is not limited to the removal of
ﬂuorinated oils, but it can also be applied to remove hydrocarbon based oils, such as toluene, as
shown in the timelapse in Figure 3.7.
Figure 3.7: Optical time-lapse of the squeezing process for a double emulsion composed of a
toluene middle phase
Hence, this device constitutes an eﬃcient tool to remove the vast majority of oil from the
shell of double emulsion drops, thereby enabling the production of drops with shell thicknesses
well below 500 nm in an experimentally easy, reproducible process.
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Figure 3.8: (A) Inﬂuence of the initial shell thickness, ts0 on the shell thickness of drops after
they have been pushed through a 20-μm-wide, 60-μm-tall constriction, ts. For each constriction,
drops are injected at the optimum ﬂow rate where most oil is removed. (B) Percentage of oil
removed from double emulsion drops for diﬀerent initial shell thicknesses, ts0, if pushed through a
20-μm-wide, 60-μm-tall constriction. Drops are pushed through the constriction at the optimum
ﬂow rates where most oil is removed.
3.5 Conclusions
In this chapter,we present a microﬂuidic squeezing device that splits double emulsion drops
into equal numbers of double emulsion drops with much thinner shells and single emulsion oil
drops. Therefore, this device enables removal of up to 93 vol% of the oil, resulting in double
emulsions with shell thicknesses down to 330 nm. As this oil removal relies on a pinch-oﬀ
of a single emulsion drop from the double emulsion shell, any oil, including those that are
non-volatile or have no solubility in water whatsoever, can be removed. Hence, this method
constitutes an experimentally easy, versatile way to controllably and eﬃciently reduce the shell
thickness of a wide range of double emulsions including those composed of biocompatible oils
such as ﬂuorinated oils. These double emulsions can be used as templates to make capsules with
very thin shells whose composition is determined by that of the oil. Thus, this device has the
potential to produce mechanically stable capsules with thin shells made from a much broader
range of materials than is currently possible.
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Chapter 4
Scalable production of double emulsion
drops with thin shells
Antoine Vian, Baptiste Reuse and Esther Amstad
In previous chapter we present a device that reduce the shell of primary double emulsions
drops to submicron values. In this chapter, we introduce a new microﬂuidic device that achieve
this at high throughput, the aspiration device.
This chapter is adapted from the paper entitled "Scalable production of double emulsion
drops with thin shells", authored by Antoine Vian, Baptiste Reuse and Esther Amstad,
published in Lab on a Chip, in 2018, volume 18, pages 1936–1942 [2].
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4.1 Abstract
Double emulsions are often used as containers to perform high throughput screening assays
and as templates for capsules. These applications require double emulsions to be mechanically
stable such that they do not coalesce during processing and storage. A possibility to increase
their stability is to reduce the thickness of their shells to suﬃciently low values that lubrication
eﬀects hinder coalescence. However, the controlled fabrication of double emulsions with such
thin shells is diﬃcult. Here, we introduce a new microﬂuidic device, the aspiration device, that
reduces the shell thickness of double emulsions down to 240 nm at a high throughput; thereby,
the shell volume is reduced by up to 95%. The shell thickness of the resulting double emulsions
depends on the pressure proﬁle in the device and hence on the ﬂuid ﬂow rates in the channels
and is independent of the shell thickness of the injected double emulsions. Therefore, this device
enables converting double emulsions with polydisperse shell thicknesses into double emulsions
with well-deﬁned, uniform thin shells.
4.2 Introduction
Double emulsion drops are often used as picoliter-sized vessels to conduct chemical [114,115],
biochemical reactions [116,117] and for high throughput screening assays [118–120]. These drops
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can be produced at high frequencies allowing compartmentalization of large quantities of reagents
in a short amount of time [83, 121, 122]. To take advantage of the possibility to produce large
quantities of samples in a minimum amount of time, they must be analyzed at high rates. A fast
read-out technique that is routinely used in biology is ﬂuorescence activated cell sorting (FACS)
[25,28,29,123]. However, this technique has thus far only been applied for characterizing analytes
that are dispersed in aqueous solutions, such as cells [120]. This requirement is not limiting if
colonies of cells are analyzed because they are typically dispersed in aqueous solutions. By
contrast, many drops encompassing analytes, such as reagents, proteins, or individual cells, are
aqueous such that they are dispersed in an oil that has a low solubility in water. To sort aqueous
drops containing reagents using FACS, they have been loaded into W/O/W double emulsion
drops, which are aqueous drops contained in larger oil-based drops that are dispersed in an
aqueous surrounding [28,29,118–120,124]. For these assays to be truly useful, double emulsions
must be stable against coalescence. The mechanical stability of double emulsions increases with
decreasing shell thickness: the hydrodynamic resistance increases with decreasing shell thickness,
thereby hampering the oil ﬂow inside the shell and introducing lubrication eﬀects [125]. The
impeded oil ﬂow in the shell retards the motion of the innermost aqueous drop relative to the
outer oil drop, thereby delaying or even preventing the innermost aqueous drop from merging
with the continuous aqueous phase [126,127]. As a result of this lubrication eﬀect, local variations
in thickness of the double emulsion shells decrease with decreasing shell thickness, as detailed in
Section 1.3.6 [39].
Double emulsions with controlled shell thicknesses can be assembled using microﬂuidics [39,
80, 128]. These drops usually have shells with thicknesses ranging from a few μm up to several
tens of μm. Double emulsions with much thinner shells, below 1 μm, can be produced from
microﬂuidic glass capillary devices [95, 106, 129–133]. However, the fabrication of these devices
is tedious. Moreover, they often produce mixtures of single and double emulsion drops that
must be separated after they have been produced, as detailed in Section 1.3.7. To facilitate the
production of double emulsions with thin shells, microﬂuidic devices made of PDMS have been
developed [105]. These devices produce double emulsions with shell thicknesses down to 4 μm.
Their shell thickness can be reduced if double emulsions are pushed through constrictions, as
detailed in Chapter 3 [1,105]. However, this reduction in the shell thickness is only controlled and
reproducible if one double emulsion passes the constriction at a time; this requirement limits the
throughput of these devices. Devices that reduce the shell thickness of double emulsions below
1 μm at a rate similar or even exceeding their production rate remain to be established. These
devices would facilitate the use of double emulsions for high throughput screening assays and
open up new possibilities to employ them as templates to produce capsules with welldeﬁned thin
shells.
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In this chapter, we report a microﬂuidic device, the aspiration device, that reduces the thick-
ness of W/O/W double emulsion shells down to 240 nm at a rate similar to the typical production
rate of double emulsions in ﬂow focusing devices. This is achieved by injecting primary W/O/W
double emulsions with thick shells into the main microﬂuidic channel. The main channel is inter-
sected by many much smaller shunt channels that remove up to 95 vol% of the oil contained in
the double emulsion shells. This new microﬂuidic aspiration device allows processing hundreds
of double emulsions at the time. Thereby, it oﬀers possibilities to produce double emulsions
with thin shells at throughputs that are at least an order of magnitude higher than what could
previously been achieved.
4.3 Material and methods
4.3.1 Device fabrication
We fabricate the microﬂuidic aspiration device from PDMS using soft lithography as described
in Chapter 1 [85,86]. It consists of a main channel that is 80 μm tall and 60 μm wide and guides
the drops through the aspiration section. Within the aspiration section, each of two oppositely
positioned sides of the main channels is intersected by n = 30 parallel shunt channels with cross
sections of 10 μm x 20 μm. Each of these shunt channels leads into one of two large aspiration
reservoirs that are connected to a single outlet. The surfaces of the shunt channels are treated
to be wetting to the middle phase. To reduce the shell thickness of W/O/W double emulsions,
where the oil is perﬂuorinated, we treat the channels with a HFE 7500-based solution containing
1 vol% perﬂuorinated trichlorosilane. To reduce the shell thickness of W/O/W double emulsions
where the oil is hydrocarbon-based, we refrain from any surface modiﬁcation because the PDMS
surface is already hydrophobic. If the surface treatment between the oil and the channel is not
made properly, the oil can wet the surface of the channels. This spreading prevents a good
function of the device and an eﬃcient removal of the oil.
4.3.2 Quantiﬁcation of drop velocity in the main channel
We measure the velocity of the drops in the main channel at each junctions between the main
channel and a microchannel, k, using time-lapse optical microscopy images acquired with a high
speed camera operated at 3000 frames per second, as exampliﬁed in Figure 4.1.
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Figure 4.1: Optical micrograph of the aspiration section in operation with the location, k,
where the average velocity of drops is quantiﬁed.
4.3.3 Modelling
Figure 4.2: Schematic illustration of the electric circuit analogue used to estimate the pressure
proﬁle within the channels. Rn corresponds to the hydrodynamic resistance in the main channel
between each shunt channel and Rts is the resistance associated with each pair of shunt channel.
To estimate the pressure proﬁle within the main channel, we employ an electric circuit ana-
logue, as schematically shown in Figure 4.2. Because all the shunt channels lead into one of
the two large reservoirs and the two reservoirs are connected to each other, we approximate
the pressure at the end of each shunt channel to be the same, P0. Moreover, we approximate
the resistance of the main channel in each section between adjacent junctions to be Rn. The
length of the shunt channels varies from 80 to 200 μm. Nevertheless, to simplify the model, we
approximate hydrodynamic resistances of all shunt channels to be equal to Rs corresponding to
a length of 100 μm. Within the aspiration section, pairs of shunt channels intersect the main
channel at opposite sites, as shown in Figures 4.5B and 4.5C. We describe this pair of shunt
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channels with parallel resistances: 1Rts =
1
Rs
+ 1Rs =
2
Rts
, where Rs is the total resistance of
the shunt channels at any given junction. At each junction, we apply the node law to relate the
diﬀerent pressures in the channels that lead into this junction. For example, at junction k we
obtain:
Pk
( 2
Rn
+
1
Rts
)− Pk−1 + Pk+1
Rn
=
P0
Rts
(4.1)
where Pk is the pressure in junction k, Pk+1; the pressure in junction k+1, Pk−1; the pressure
in junction k − 1. We quantify the pressure diﬀerences between the diﬀerent channel sections
and therefore set P0 = 0 as a base point. We write this node equation for each node and obtain n
equations with n unknown variables. The boundary conditions are determined by the injection
and withdraw rates. Therefore, we can relate the injection rate, Qi and the ﬂow rate at the
output of the main channel Qi −Qw to the pressure proﬁle in the main channel using:
A.P = Q (4.2)
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In this case, the matrix is invertible because its determinant is not equal to zero. Hence, we can
calculate the pressure proﬁle in the channel by inverting matrix A:
P = A−1.Q (4.3)
Using this equation, we obtain the pressure proﬁle throughout the channel at each junction
k. The pressure obtained is always relative to the pressure in the reservoir at the output of the
shunt channel that is arbitrarily set to 0. We convert the pressure proﬁle into a ﬂow rate proﬁle
inside the main channel using:
Qk =
Pk+1 − Pk
Rn
(4.4)
The pressure drops rapidly in the initial parts of the aspiration section and levels oﬀ there-
after, as shown in Figure 4.3A. As a result, the ﬂow rate in the aspiration section also decreases
rapidly upstream the junction where the 15th shunt channel intersects the main channel and
decreases more slowly thereafter, as shown in Figure 4.3B. Note that this proﬁle is obtained
for a continuous ﬂow that does not encompass any drops. When drops are present in the main
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channel, they strongly increase the resistance of the main channel [109] such that we expect the
actual pressure decrease in the main channel to be much higher than what is estimated in Figure
4.3A. However, we do not expect the drops to strongly inﬂuence the shape of the pressure proﬁle.
Figure 4.3: (A) Pressure proﬁle along the main channel, P , as a function of the location in
the main channel, represented by the junction number, k between a microchannel and the main
channel of the device. (B) Velocity proﬁle for a continuous ﬂuid, v, derived from the calculated
pressure proﬁle as a function of the number of shunts channels located upstream the location of
interest, k. For these calculations, we ﬁxed Qi at 1000 μL/h and Qw at 800 μL/h.
From our model, we can deduce the pressure proﬁle in the channel as a function of Qi and
Qw. If ΔQ = Qi - Qw = 300 μL/h is kept constant and Qi is varied between 1000 μL/h and 2000
μL/h, the pressure at the beginning of the channel depends on Qi. By contrast, the pressure at
the end of the aspiration section is nearly independent of Qi, as seen in Figure 4.4A. If Qi =
1000 μL/h but ΔQ is varied between 100 μL/h and 400 μL/h, the pressure in the initial parts
of the aspiration section is very similar whereas the pressure in the ﬁnal parts of the aspiration
section increases with decreasing ΔQ, as seen in 4.4B.
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Figure 4.4: Variation of the pressure proﬁle in the main channel as a function of ﬂow rates.
(A) Pressure in the main channel, P , as a function of the junction location in the channel, k, if
ΔQ = 300 μL/h and Qi = 1000 μL/h (black), 1500 μL/h (blue) and 2000 μL/h (green). (B)
Pressure in the main channel, P, as a function of the location, k, for Qi= 1000 μL/h and ΔQ =
400 μL/h (black), 200 μL/h (blue) and 100 μL/h (green)
4.4 Results and discussions
4.4.1 Operation of the aspiration device
The device contains an inlet for as-produced primary double emulsions, inlet a, that leads
into a main channel, as shown schematically in Figure 4.5A. The double emulsions ﬂow through
the aspiration section where two opposite sides of the main channel are intersected by shunt
channels; unless stated otherwise, each of these sides is intersected by n = 30 shunt channels,
as schematically illustrated in Figure 4.5B and shown on the optical micrograph in Figure 4.5C.
The main channel has a sinusoidal shape to increase its contact area with the shunt channels.
These shunt channels lead into one of two aspiration reservoirs that are both connected to outlet
b, as shown in Figure 4.5A. To control the spacing of the processed double emulsions with thin
shells, we introduce a ﬂow focusing junction downstream the aspiration unit, as indicated by the
black arrows in Figure 4.5C.
The aspiration device removes oil contained in W/O/W double emulsions most eﬃciently, if
they are injected at a high density such that they jam inside the main channel. To increase the
density of double emulsions, we up-concentrate them by letting them sediment or cream for at
least 10 min before a fraction of the surrounding aqueous phase is removed. The up-concentrated
double emulsions are introduced into the aspiration device using syringe pumps at an injection
rate Qi. To tune the amount of oil that is removed through the shunt channels we withdraw
ﬂuid through two aspiration reservoirs that are connected to an outlet at a withdraw rate Qw.
The vast majority of the surrounding aqueous phase that initially separates adjacent double
emulsions is removed through the shunt channels such that the double emulsions are jammed
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within the main channel. At the concentration used here, we did not observe any coalescence
of drops in the channel. To increase the spacing between adjacent drops after they passed all
the shunt channels, we introduce a ﬂow-focusing junction downstream the aspiration section and
inject the outermost phase at a rate Qo. The resulting double emulsion drops with thin shells
are collected through a second outlet. To quantify the shell thicknesses of double emulsions,
we measure the outer radius of the intact double emulsions from optical micrographs. The
double emulsions are subsequently broken using isopropanol and the size of the resulting single
emulsion oil drop is measured from optical microscopy images. Using volume conservation, we
calculate the shell thickness from the radius of the intact double emulsion drop and the volume
of the oil drop that forms after the double emulsion is broken, as previously reported in Chapter
1 [1, 95,104,126].
Figure 4.5: The microﬂuidic aspiration device. (A) Schematic illustration of the microﬂuidic
aspiration device that contains an inlet for double emulsions drops (a), an outlet that enables
withdrawing oil from the double emulsions (b), and an inlet for the outermost aqueous solution
(c). Processed double emulsions are collected through outlet (d). (B) 3D schematic illustration of
the aspiration section where the shell thickness of double emulsions is reduced, as schematically
illustrated with double emulsions containing an aqueous core (blue) and an oil shell (light blue).
The aspiration section contains a main channel (white) that is intersected by many much smaller
shunt channels (green). (C) Optical microscopy image of the aspiration device in operation. The
double emulsion drops ﬂow through a sinoidal shaped main channel, as indicated by the blue
arrow, and oil is removed through shunt channels as indicated by the red arrows. To increase the
spacing between processed double emulsions, an outermost aqueous phase is injected downstream
the aspiration section, as shown by the black arrows. ((D) and (E)) Optical micrographs of
double emulsions drops (D) before and (E) after being processed with the aspiration device.
Double emulsions have an external radius of (D) R = 42.9 ± 0.5 μm and (E) R = 36.0 ± 0.6
μm and a shell thickness of (D) ts = 5.92 ± 0.64 μm and (E) ts = 0.24 ± 0.05 μm.
W/O/W emulsions with an external radius of R = 42.9 ± 0.5 μm and a shell thickness of ts
= 5.92 ± 0.64 μm are produced using PDMS-based ﬂow focusing devices described in Section
2.2 [91]. To reduce the thickness of their oil shells, we inject them into the aspiration device at
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a rate Qi = 1000 μL/h, as shown by the blue arrow in Figure 4.5C. Oil is removed through the
shunt channels at a withdraw rate, Qw = 900 μL/h, as indicated by the red arrows in Figure
4.5C. While the drops pass the initial parts of the aspiration section, a large fraction of the
surrounding aqueous phase ﬂows through the shunt channel into outlet b such that the distance
between adjacent drops gradually decreases until they start to jam. To spatially separate the
processed double emulsions with thin shells, we introduce a ﬂow focusing junction downstream
the aspiration section through which we inject an aqueous outer solution at a rate Qo = 800
μL/h, as indicated by the black arrows in Figure 4.5C. The resulting double emulsions have
much thinner shells, as a comparison of the optical micrographs of double emulsions before and
after they have been processed with the aspiration device in Figure 4.5D and E reveals. Indeed,
the shell thickness of double emulsions that have been processed with the aspiration device is
reduced from ts = 5.92 ± 0.64 μm to 0.24 ± 0.05 μm. As a result of the reduction in shell
thickness, the radius of the processed double emulsion is slightly reduced to R = 36.0 ± 0.6 μm.
4.4.2 Inﬂuence of ﬂuids ﬂow rate on device operation
The operation mode of microﬂuidic devices typically depends on the ﬂuid ﬂow rates. To explore
the diﬀerent operation modes of the aspiration device, we vary the withdraw and injection rates
from 50 μL/h to 2000 μL/h. If the withdraw rate is higher than the injection rate, Qw > Qi,
the vast majority of ﬂuids, including the double emulsion drops, are aspirated through the shunt
channels such that very few double emulsions exit the main channel, as indicated by the grey
area in Figure 4.8A and the optical micrograph in Figure 4.8B. Instead, much smaller double
emulsions, whose diameter is of order of the width of the shunt channels are formed at their
exits, as shown in Figure 4.6.
Figure 4.6: Optical time-lapse illustrating the production of double emulsion with 20 μm
diameter. The blue arrow indicates a deformed primary double emulsion drop ﬂowing in the
main channel. The red arrow follows the formation of secondary much smaller emulsions in the
microchannels.
This operation resembles the extrusion used, for example, to process vesicles [134] and can
be employed to reduce the size of double emulsions. However, this operation mode does not
oﬀer a good control over the shell thickness of double emulsions such that we do not further
investigate it here. By contrast, if the injection rate is higher than the withdraw rate, Qi > Qw,
double emulsions remain intact. Hence, if Qi > Qw, we can reduce the shell thickness of double
emulsions without signiﬁcantly altering their diameter.
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To control the spacing of the processed double emulsions, we introduce a ﬂow focusing junction
downstream the aspiration section and inject an aqueous phase containing a surfactant, PVA,
through it. We assume this additional ﬂuid not to impact the operation of the device and the ﬁnal
shell thickness of double emulsions because the width of the main channel increases three-fold at
the ﬂow focusing junction. To verify this assumption, we compare the hydrodynamic resistance
of the main channel downstream the ﬂow focusing junction on that of the main channel in the
aspiration section (See Section 1.3.2):
RH =
12ηL
1− 0.63(h/w)
1
h3w
(4.5)
here μ is the dynamic viscosity of the ﬂuid, L the length of the channel, w its width, and
h its height. Hence for two equally long channels that are ﬁlled with an identical ﬂuid but
have diﬀerent heights, h1 = h2 = 80 μm and widths, w1 = 60 and w2 = 180 μm, and therefore
diﬀerent hydrodynamic resistances R1 and R2 we obtain:
R1
R2
=
ñ
1− 0.63(h2/w2
1− 0.63(h1/w1)
ô
w2h
3
2
w1h31
= 5.6 (4.6)
Hence, the hydrodynamic resistance of the channel downstream the aspiration section is
more than ﬁve-fold lower than that of the aspiration section,
To verify this assumption, we vary Qo from 300 to 6000 μL/h, keeping Qi and Qw constant.
Within the tested ﬂow rate range, Qo does not signiﬁcantly inﬂuence the double emulsion shell
thickness: varying Qo by a factor of 20 results in shell thickness variations of less than 10%, as
shown in Figure 4.7.
To spatially separate the double emulsions that are jammed in the aspiration section in the
ﬁnal parts of the aspiration device, we introduce an aqueous phase downstream the aspiration
section. This outer phase is injected at a rate, Qo. To test the inﬂuence of Qo on the shell
thickness of processed double emulsions, we vary Qo from 300 μL/h to 6000 μL/h and keep the
injection and withdraw ﬂow rates constant at Qi = 1000 μL/h and Qw = 800 μL/h. Our results
demonstrate that the shell thickness of processed double emulsions is independent of the ﬂow
rate of the outer ﬂuid, Qo, as shown in Figure 4.7.
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Figure 4.7: Inﬂuence of the ﬂow rate of the outer channel Q0 on the ﬁnal shell thickness, ts,
of processed double emulsion drops; Qi = 1000 μL/h and Qw = 800 μL/h
Therefore, we keep Qo constant at 800 μL/h for all the remaining experiments and do not
further investigate this parameter.
The dimensions of double emulsion drops generated in microﬂuidic ﬂow focusing devices de-
pend on the ﬂuid ﬂow rates. To test if this is also the case for the aspiration device, we vary
the injection and withdraw rates for Qi > Qw. We consider the aspiration device to function
properly, if the standard deviation of the shell thickness, σ, is below 0.1 μm. This is the case if
double emulsions are injected at rates not exceeding the withdraw rates by more than 50% and
if Qi > 250 μL/h, as summarized by the green shaded area in Figure 4.8A and shown in the
optical micrograph in Figure 4.8C. By contrast, if Qi < 250 μL/h or if Qi > 0.5 Qw, the shell
thicknesses of the processed double emulsions are polydisperse, as summarized by the red shaded
area in Figure 4.8A and in the optical micrograph in Figure 4.8D. We assign this behavior to
the pressure proﬁle in the device: the pressure in the main channel within the aspiration section
decreases because a signiﬁcant fraction of the liquid is removed through the shunt channels [117].
As a result, the pressure diﬀerence between the main channel and the aspiration reservoir, and
therefore the pressure gradient across the shunt channels, gradually decreases within the aspi-
ration section, as detailed in Section 4.3.3. With decreasing pressure gradient across the shunt
channels, the driving force for oil to be removed from the double emulsion shells is reduced. At
some point, the pressure gradient is so small that no oil is removed anymore. In fact, if the
ratio of the withdraw to the injection rate is too low, the pressure gradient in the shunt channels
located towards the end of the aspiration section becomes negative such that some of the oil
contained in the reservoir is re-injected into the main channel, as shown in the optical micro-
graph in Figure 4.8D. This re-injected oil broadens the distribution of the shell thicknesses of the
59
Scalable production of double emulsion drops with thin shells Results and discussions
processed double emulsions. Based on these results, the remaining experiments are conducted
in the green shaded area.
Figure 4.8: Operation of the aspiration device. (A) Inﬂuence of the injection rate, Qi and the
withdraw rate, Qw, on the operation of the device. Operation conditions that result in double
emulsions with a standard deviation of the shell thickness σ ≥ 0.1 μm (), and σ ≤ 0.1 μm (◦). If
Qw > Qi, the vast majority of double emulsions exit the device through the shunt channel such
that we cannot control their shell thickness; this regime is indicated in grey. Based on the results,
we indicate the optimum operation conditions in green and conditions where the device fails to
consistently remove oil in red. (B-D) Optical micrographs of the aspiration device operating
(B) in the grey area where the majority of double emulsions exit the device through the shunt
channels, (C) under optimal conditions, and (D) when it fails.
The dimensions of emulsions produced in microﬂuidic devices can often be tuned with the ﬂuid
ﬂow rates. To test if this is also the case for the aspiration device, we vary Qi from 1600 μL/h
to 900 μL/h and keep Qw constant at 800 μL/h. The shell thickness linearly decreases with
decreasing Qi, as shown by the red diamonds in Figure 4.9A. Similarly, if we decrease Qw from
800 μL/h to 200 μL/h and keep Qi constant at 900 μL/h, the shell thickness linearly increases,
as shown by the blue circles in Figure 4.9A. The excellent agreement of the shell thicknesses
obtained by varying either Qi or Qw and keeping the other ﬂow rate constant suggests that the
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shell thickness depends on the diﬀerence in Qi and Qw, ΔQ = Qi - Qw only and does not depend
their absolute values. To test this suggestion, we vary the absolute values of Qi and Qw, keeping
ΔQ constant at 200 μL/h. Indeed, the shell thickness of double emulsions is independent of the
absolute values of Qi and Qw, as shown in Figure 4.9B.
Our results suggest that the shell thickness of processed double emulsions is determined by the
pressure gradient across the shunt channels and hence, by the pressure proﬁle in the aspiration
section. To better understand this result, we estimate the pressure proﬁle across the main
channel using an electric circuit analogue, as shown in Figure 4.2 and detailed in Section 4.3.3.
For constantΔQ, the model predicts the pressure to drop quickly in the ﬁrst part of the aspiration
section and level oﬀ thereafter as seen in Figure 4.3A. Interestingly, while the pressure in the
initial parts of the aspiration section depends on Qi, it varies very little with the absolute
value of Qi at the end of the aspiration section, as shown in Figure 4.3A. To test the validity
and accuracy of the model, we convert the pressure proﬁle into a velocity proﬁle of the drops
in the main channel, as detailed in Figure 4.3B, and compare it to experimental results. To
experimentally quantify the velocity proﬁle, we monitor the ﬂow of the drops in the aspiration
section using a high-speed camera and measure the drop speed as a function of the location
within the channel, as exampliﬁed in Figure 4.1 and detailed in Section 4.3.3. Because liquid is
continuously removed through the shunt channels, the speed of the drops in the main channel
successively decreases, well in agreement with our model, as a comparison of the symbols and
the solid line in Figure 4.9C reveals. As expected, the initial speed of injected drops increases
with increasing Qi. Our model predicts the speed of the drops in the ﬁnal parts of the aspiration
section to only depend on ΔQ. To test this prediction, we keep ΔQ constant at 300 μL/h
and vary Qi between 1000 μL/h and 2000 μL/h. Indeed, the velocity of the drops at the end
of the aspiration section is the same, 18 mm/s, as shown in Figure 4.9C, well in agreement
with our model. To further experimentally test our model prediction, we inject the drops at a
constant rate Qi and vary ΔQ. While the speed of the double emulsions in the initial part of the
aspiration section is the same, their velocity in the ﬁnal section decreases with decreasing ΔQ,
as shown in Figure 4.9D. For example, the speed of double emulsions injected with Qi = 900
μL/h decreases from 53 mm/s to 5 mm/s if ΔQ = 100 μL/h, but decreases only to 12 mm/s if
ΔQ = 200 μL/h. These results demonstrate that even though we employ a very simple model
that, for example, neglects any contribution of the drops contained in the main channel to its
induced hydrodynamic resistance [109], it correctly captures inﬂuences of ﬂuid ﬂow rates on the
pressure and velocity proﬁle in the main channel. These parameters are directly related to the
shell thickness of processed double emulsions such that we can use this model to optimize the
device design and operation conditions.
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Figure 4.9: Inﬂuence of ﬂuid ﬂow rates on the shell thickness,ts of processed double emulsions.
(A) Inﬂuence of the injection rate, Qi, and withdraw rate, Qw, on the thickness of processed
double emulsions, ts, if Qi is varied and Qw is kept constant at 800 μL/h () or if Qw is varied
and Qi is kept constant at 1000 μL/h (•). (B) Inﬂuence of Qi and Qw on ts if ΔQ is kept
constant at 200 μL/h. (C) Velocity of drops, v, and corresponding ﬂow rate, Q, as a function of
their location in the main channel measured as the number of shunt channels located upstream
the location of interest, k, for ΔQ = 300 μL/h and Qi = 1000 μL/h (•), 1500 μL/h () and
2000 μL/h (). The velocity proﬁle of ﬂuids is estimated using an electric circuit analogue using
Qi = 1000 μL/h (black solid line), 1500 μL/h (blue solid line) and 1000 μL/h (green solid line).
(D) Speed proﬁle, v, and corresponding ﬂuid ﬂow rate, Q, in the main channel as a function of
the location in main channel, k, for Qi = 1000 μL/h and ΔQ = 100 μL/h (), 200 μL/h ()
and 400 μL/h (•). The corresponding calculated values are shown by the solid lines.
The velocity of the drops strongly decreases as they pass the ﬁrst 15 shunt channels and levels
oﬀ thereafter as seen in Figure 4.9C and D. The non-linear deceleration of drops in the aspiration
section suggests that the amount of removed ﬂuid quickly decreases as drops pass the aspiration
device. However, it is unclear whether the total amount of removed ﬂuid directly correlates with
the amount of oil removed from the double emulsion shells.
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4.4.3 Inﬂuence of the number of microchannels on removal eﬃ-
ciency
To decouple the removal of the continuous phase from that of the oil, we fabricate aspiration
devices with n = 10, 20, 43 and 57 shunt channels and measure the thickness of double emulsions
processed with these devices. Thereby, we keep the injection and withdraw rates constant at
Qi = 1000 μL/h and Qw = 800 μL/h. Devices with no more than 20 shunt channels fail to
eﬃciently and consistently remove the oil from double emulsion shells: these devices remove a
considerable amount of the continuous phase but only a limited amount of the oil. For example,
devices with n = 10 shunt channels reduce the shell by only 39 vol% whereas devices with n
= 20 shunt channels reduce the shell volume by 54 vol%. This oil removal is much lower than
achieved in devices with n = 30 shunt channels where it amounts to 95 vol%, as summarized
in Figure 4.10. We assign the much lower oil removal eﬃciency obtained in devices with n =
20 to the density of the drops in the main channel: while these devices remove a considerable
amount of the continuous phase, adjacent drops are still spatially separated from each other
by the continuous phase such that they do not jam. By contrast, for devices with n = 20, a
suﬃcient amount of continuous phase is removed such that drops jam. This observation suggests
that jamming is crucial for an eﬃcient removal of the oil. In line with this observation, the shell
thickness distribution of double emulsions processed in devices with n = 20 is much broader
than if processed in devices with more shunt channels, as shown by the large error bars in Figure
4.10.
Figure 4.10: Inﬂuence of the number of shunt channels, n, on the shell thickness of processed
double emulsions, ts, that were injected with Qi = 1000 μL/h, whereas Qw = 800 μL/h and Qo
= 800 μL/h.
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Our results suggest that oil is most eﬃciently removed if drops are jammed. To test if we
can reduce the shell thickness of double emulsions even more, we prolong the time jammed
drops are in the aspiration section by increasing the number of shunt channels. If we process
double emulsions in devices with n = 43 shunt channels, they have slightly thicker shells than
if processed in device with n = 30. Their shell thickness increases even more if n is increased to
57, as shown in Figure 4.10. These results indicate that there is an optimum number of shunt
channels. If this optimum is exceeded, the pressure gradient across the shunt channels located
furthest downstream becomes negative such that some of the oil, that initially has been removed
from double emulsion shells, is re-injected into them further downstream. For W/O/W double
emulsions composed of a shell with a viscosity of order of that of water, and for ΔQ = 200 μL/h,
this optimum is around n = 30.
4.4.4 Inﬂuence of primary double emulsions shell thicknesses
Our results indicate that the shell thickness of double emulsions processed with the aspiration
device depend on the velocity at the end of the channel only. Therefore, we expect it to be
independent of the shell thickness of the primary double emulsions. To test this expectation, we
produce primary double emulsions with shell thickness varying between ts = 2.31 ± 0.22 μm and
ts = 7.01 ± 0.73 μm. These double emulsions are injected into the aspiration device at Qi = 1000
μL/h and we withdraw ﬂuids at Qw = 800 μL/h. Independent of the shell thickness of primary
emulsion drops, that of the processed double emulsion drops is ts = 0.37 ± 0.11 μm, as shown in
Figure 4.11A. These results suggest that the aspiration device can reduce the distribution of shell
thicknesses in double emulsions. To demonstrate this feature, we fabricate a mixture of double
emulsions with an external radius of 53.1 ± 1.8 μm, whose shell thicknesses vary from 5 to 20
μm, as shown in the optical micrograph in Figure 4.11B. After this mixture has been processed
with the aspiration device, we obtain double emulsions whose shell thicknesses vary by as little
as 80 nm, as indicated by the narrow distribution of the shell thicknesses of double emulsions
shown in Figure 4.11C. These results demonstrate the potential of the aspiration device to
process polydisperse single-core double emulsions into double emulsions with well-deﬁned shell
thicknesses and thereby to facilitate the control over their mechanical stability and permeability.
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Figure 4.11: Inﬂuence of the shell thickness of primary double emulsions. (A) Inﬂuence of the
shell thickness of primary double emulsions, ts0, on that of processed counterparts, d, for initial
double emulsions with ts0, = 2.3 ± 0.2 μm, 3.4 ± 0.6 μm, 6 ± 0.5 μm and 7 ± 0.7 μm. (B-C)
Optical micrographs of (B) primary double emulsions that have polydisperse shell thicknesses
with ts0 = 10.3 ± 6.2 μm and (C) double emulsions after they have been processed with the
aspiration device, whose shell thickness is ts = 0.272 ± 0.081 μm.
4.4.5 Inﬂuence of the oil phase
The aspiration device removes up to 95 vol% of the oil from the shell of double emulsions.
We expect the fraction of removed oil to depend on the ﬂuid viscosity because this parameter
inﬂuences the hydrodynamic resistance of the shunt channels and hence the pressure gradient
across them. To test this expectation, we vary the viscosity of the oil, η, from 0.9 to 2.7 mPa.s by
adding diﬀerent amounts of KrytoxTM GPL, a more viscous perﬂuorinated oil, to HFE 7500 TM ,
as detailed in Chapter 2 [1]. Indeed, the amount of oil that is removed decreases with increasing
oil viscosity such that the velocity of the double emulsions at the end of the aspiration section
increases, as shown in Figure 4.11A. As a result, the shell thickness of the processed double
emulsion increases with increasing oil viscosity, as shown in Figure 4.11B.
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Figure 4.12: Inﬂuence of the oil viscosity. (A) Velocity of drops, v, as a function of the number
of shunt channels located further upstream, k, of double emulsions with oil shells whose viscosity
is η = 0.96 mPa.s (), 1.25 mPa.s () and 1.6 mPa.s (•). The ﬂow rates are kept constant at
Qi = 1000 μL/h, Qw = 800 μL/h, and Qo = 800 μL/h. (B) Inﬂuence of the viscosity of the oil,
η, contained in the double emulsion shells on their shell thickness, ts. Double emulsions have
been processed with Qi = 1000 μL/h, Qw = 800 μL/h and Qo = 800 μL/h.
To demonstrate the versatility of the device, we produce primary W/O/W double emulsions
with diﬀerent oils. In particular, we employ a hydrocarbon-based oil, oleic acid, and a liquid
crystal (4-cyano-4-n-pentylbiphenyl, Sigma). The aspiration device reduces the volume of double
emulsion shells composed of oleic acid by 83% from 4.67 ± 0.29 μm to 0.88 ± 0.21 μm. Similarly,
the volume of shells composed of a liquid crystal is reduced by 81% from 5.70 ± 0.49 μm to 1.20
± 0.21 μm, as shown in Figure 4.13. These results demonstrate that the aspiration device is not
limited to the removal of perﬂuorinated oils but can be employed to remove many other ﬂuids
from shells of double emulsions.
Figure 4.13: Optical micrographs acquired with polarized light of W/O/W double emulsions
where the oil is a liquid crystal (A) before they are processed where ts = 5.70 ± 0.49 μm and
(B) after having been processed where ts = 1.20 ± 0.21 μm.
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4.5 Conclusion
We introduce a microﬂuidic aspiration device that enables reducing the shell volume of up to
1000 double emulsions per second by up to 95 vol%. The resulting double emulsions have shell
thicknesses down to 240 nm. Importantly, the oil removal does not rely on a partitioning of the
solvent into the continuous phase nor does it involve solvent evaporation. Hence, this device
allows reducing the shell thickness of double emulsions made of a wide range of diﬀerent ﬂuids
including non-volatile ﬂuids or ﬂuids that have a very low solubility in the outermost phase.
Moreover, this device has the potential to reduce the shell thickness distribution of double
emulsions produced through high throughput bulk emulsiﬁcation methods because the shell
thickness of the processed double emulsions is independent of that of injected double emulsions.
The shell thickness of processed double emulsions only depends on the pressure proﬁle in the
device which can be controlled with the ﬂuid ﬂow rates and the viscosity of the oil. Therefore,
this device oﬀers new possibilities to fabricate capsules with thin shells whose thickness is well
deﬁned such that their stability and permeability can be closely controlled at high throughputs;
this is of particular importance if capsules are used as delivery vehicles.
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Chapter 5
Submicron shell double emulsion drops
for screening assays
Antoine Vian, Gianluca Etienne and Esther Amstad
In this chapter, we study the inﬂuence of the shell thickness of double emulsions on their
permeability. We demonstrate that double emulsions passively release hydrophilic components
that are for practical purposes immiscible in the oil shell. We demonstrate that this transport
of reagents across the shell can be limited if the shell is suﬃciently thin.
This chapter is adapted from the paper entitled "Cross-talk between emulsion drops:
How are hydrophilic reagents transported across oil phases?", authored by Gianluca
Etienne, Antoine Vian, Marjan Biocanin, Bart Deplancke and Esther Amstad, currently in
refereed proceedings [3].
For the results presented in this chapter, G.E. synthetized the surfactant and performed the
experiment to show the formation of spontaneous droplets in the cuvette and drew the schematic
of a possible transport mechanisms. In addition he participated in writing the introduction. I
performed the leakage experiments and developed the Matlab code for the analysis of the leakiness
of double emulsions. I participated in writing the introduction and wrote the result and discussion
part.
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5.1 Abstract
In this chapter, we investigate the passive transport of reagents across the shell of double
emulsion drops that leads to cross-contaminations and hence limits the accuracy of droplet-
based screening assays. To be truly eﬃcient, those assays must be used with drops acting as
closed containers to avoid that encapsulants are exchanged between diﬀerent double emulsion
drops. We demonstrate that this uncontrolled reagent transport can be decreased by at least an
order of magnitude if the shell thickness of double emulsions is decreased down to submicrometer
values. Based on our results, we suggest that ﬂuorophores are transported across the oil shell
by nanometer-sized droplets that spontaneously form in the shell of the double emulsions. This
formation of small droplets is reduced if the shell becomes suﬃciently small.
5.2 Introduction
Double emulsion drops produced with microﬂuidic devices can be used for biological screen-
ing assays at high throughputs [69, 119, 135–139]. However, for these assays to be truly useful,
each drop should be impermeable to encapsulants to avoid cross-contaminations between drops.
Drop-based screening assays are most often performed using single emulsion drops dispersed in
perﬂuorinated oils. These oils are selected because they are biocompatible [140–142], have a
high gas solubility, [96, 143, 144] and are compatible with PDMS devices [87]. Most frequently,
the surfactant used for drop stabilization is composed of two perﬂuorinated polyether blocks
that are interspaced by a hydrophilic PEG-based block, as shown in Section 2.1 [96, 97]. How-
ever the use of surfactants comes with an important disadvantage: Surfactants contribute to
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spontaneous exchanges of reagents between diﬀerent drops that are dispersed in perﬂuorinated
oils [58, 145–151]. This cross-contaminations reduces the accuracy of drop-based screening as-
says [151] and therefore limits their performance and usefulness. The degree to which reagents
are exchanged depends on their composition [147,152–154]. It can be reduced if the viscosity of
the oil is increased [146], if sugar [155], or bovine serum albumin (BSA) [145] is added to the
aqueous phase, by lowering the surfactant concentration [145, 150], or by replacing surfactants
with nanoparticles [9]. However the exact mechanism by which reagents are exchanged remains
to be determined. Reagents might be transported across the oil by aggregates or inverse micelles
that spontaneously form if surfactants self-assemble [145, 150, 151]. Additionally they could
also be transported across the oil by aqueous drops that spontaneously form at liquid-liquid
interfaces [156–159].
In this chapter, we establish the suitability of double emulsions with submicron shells for
screening assays. To explain how reagents can permeate across the shell of W/O/W double
emulsions stabilized with amphiphilic block copolymers, we propose a simple mechanism by
which reagents are exchanged between two phases. Our results suggest that small aqueous drops
with diameters of the order of hundreds of nanometers spontaneously form at the water oil
interface and transport hydrophilic reagents across the oil shell. We demonstrate that the spon-
taneous formation of drops at the liquid-liquid interface and therefore the cross-contaminations
can be reduced by at least an order of magnitude if the thickness of double emulsion shells is
reduced to dimensions that are of the same order as the diameter of the small aqueous drops.
5.3 Material and methods
5.3.1 Production of double emulsions
Water-oil-water double emulsions were produced by injecting the liquids with syringe pumps
(Cronus Sigma 1000, Labhut, UK). The outer phase was injected at 3000 μL/h, the middle phase
at 700 μL/h, and the inner phase at 900 μL/h. The inner phase is composed of water containing
15 wt% PEG with a molecular weight of 6000 Da (Carl Roth, Germany) and 0.1 wt% ﬂuorescein
disodium salt (Carl Roth, Germany). The middle phase is composed of HFE-7500 containing
1mM of ﬂuorinated surfactant. The outer aqueous phase is composed of water containing 10
wt% PVA (Mw = 13-18 kDa, Sigma-Aldrich, USA). The osmolarity of the two aqueous phases
were measured using an Osmometer (Advanced Instruments, Fiske 210) and matched by adding
D(+)-Saccharose (Carl Roth, Germany).
5.3.2 Production of submicron shell double emulsions
Double emulsions with shells thickness below 1 μm were produced using the microﬂuidic
aspiration device presented in Chapter 4. Double emulsions with an outer diameter of 92.1 ±
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0.9 μm and a shell thicknesses, ts = 8.40 ± 0.62 μm were injected in the microﬂuidic aspiration
device at Qi = 900 μL/h. Oil was withdrawn through the shunt channels at a rate of Qw = 800
μL/h. To spatially separated double emulsions with thin shells, an additional aqueous phase
containing PVA was injected downstream the aspiration section at Qo = 800 μL/h.
5.3.3 Leakage measurements
To minimize the inﬂuence of PVA on the transport of encapsulants, double emulsions were
washed with an osmotically balanced aqueous solution containing sucrose. To wash the sample,
10 μL double emulsions was added to 1 mL water, double emulsions sedimented and the super-
natant was removed. This procedure was repeated three times. Double emulsions were added
into plastic wells that have previously been ﬁlled with the aqueous washing solution. Wells were
sealed with mineral oil (Sigma-Aldrich, USA) to prevent evaporation of the water. Fluores-
cent microscopy images were recorded every 10 min with 15 ms exposure and analyzed using
a custom-made MATLAB code that detects the double emulsions and quantiﬁes the intensity
inside each double emulsion over time.
5.3.4 Custom made MATLAB image analysis
A Matlab code was developed to monitor the leakage of double emulsion. The ﬁrst command
consists of importing the timelapse ﬂuorescence images of double emulsions and converting them
into an image sequence. Consequently, all the images are converted into 8-bits as seen in Figure
5.1B. Hence if a pixel is dark its value is 0 px, if it is at its maximum brightness its value is
at 256 px. We then calculate the average pixel value of all the pixels in the image: A. If a
pixel is above this value, A, used as threshold, it is selected to be labeled as ﬂuorescent, if a
pixel value is below, it is selected to be labeled as background, as exempliﬁed by respectively the
white selected pixels and the black background, seen in Figure 5.1C. We then calculate the mean
intensity within the ﬂuorescent pixels: AF . Similarly we calculate the mean intensity within the
background pixels: AB. The mean ﬂuorescent intensity of the drops for a given image is then
determined as: I = AF - AB.
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Figure 5.1: Analysis of the leakage of double emulsions using a custom-made MATLAB code
(A) Fluorescent image of double emulsions with 0.1 % ﬂuorescein in their core. Each green circle
corresponds to a double emulsion. (B) Image converted in 8-bits. (C) In white: Selected pixels
whose intensity is above the mean treshold A and hence that are labeled as ﬂuorescent. In black:
Selected pixels whose intensity is below the threshold A that are labeled as background
5.4 Results
W/O/W double emulsion drops with a shell thickness, ts = 9.91 ± 0.52 μm, and a diameter
of 90.4 ± 0.7 μm containing 0.1 % ﬂuorescein in their core are produced with a microﬂuidic
double emulsion device (as described in Section 1.3.5). They are thoroughly washed with an
aqueous solution to remove PVA initially contained in the continuous phase. To prevent osmotic
pressure gradients that would change the dimensions of double emulsions during collection and
storage, we balance the osmolarities of the two aqueous phases using D-saccharose. Drops are
then placed in closed wells and observed with ﬂuorescence microscopy. The vast majority of
ﬂuorophores are released in less than 5 hours, as seen in Figure 5.2. This is surprising because
the solubility of ﬂuorescein in the oil phase is very low, suggesting that this transport cannot
solely be caused by diﬀusion.
Figure 5.2: Optical ﬂuorescent microscopy timelapse of double emulsion with ts = 9.91 ± 0.52
μm.
To determine the mechanisms of the transport through the membrane, we ﬁrst develop a very
simple model of an oil-water interface. A solution of HFE-7500 containing 1 mM of surfactant is
covered with a water layer. Immediately after the sample is prepared the solution is transparent.
However after 10 hours, the sample becomes turbid even though it is not mechanically agitated,
as shown in Figure 5.3A. By contrast, when pure oil without surfactant is put in contact with
water, the oil remains transparent, as shown in Figure 5.3B. These results indicate that objects
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that are within the size of the wavelength of visible light are created. Inverse micelles usually
have sizes well below the wavelength of visible light [144]. Our results suggest that small aqueous
drops form at the liquid-liquid interface by analogy to what has been reported for osmotically
stressed double emulsions [156–158]. Hence our this that small droplets that are within the range
of hundreds of nanometers can form in the absence of osmotic pressure gradients and if block
copolymers are used as surfactants. Therefore small aqueous droplets that spontaneously form
might act as transport vehicles for ﬂuorescein within the oil phase.
Figure 5.3: Spontaneous formation of small aqueous drops in perﬂuorinated oils. (A,B)
Time-lapse photographs of ﬂuorinated oil (HFE7500) (A) with 1 mM of ﬂuorinated surfactant
(B) without surfactant. (C) Schematic illustration of the proposed mechanism responsible for
leakage of reagents across the membrane. Image is not to scale
If the transport of reagents is caused by hundred nanometer diameter droplets, we expect it to
be slowed down if we reduce the shell thickness to values that are similar to those of the diameter
of the small spontaneously formed drops. To produce double emulsions with submicron shell
thicknesses, we employ the microﬂuidic aspiration device and produce double emulsions with
shell thicknesses down to ts = 330 nm [2]. The amount of ﬂuorescein that is released from
double emulsion drops with shell thicknesses that vary from ts = 8.40 ± 0.62 μm to ts = 0.330
± 0.060 μm is measured every 10 min for 15 h. Remarkably the vast majority of ﬂuorescein is
released after 6 h for double emulsions with ts = 8.40 ± 0.62 μm, as shown in Figure 5.4A. By
contrast, if ts is reduced to 330 nm, only 15 % of the initial intensity is lost after 15h, as shown
in Figure 5.4B .
Our results suggest that the leakage rate scales with the shell thickness of the drop. To test
this hypothesis, we produce double emulsions with ﬁve diﬀerent shell thicknesses, ts = 13.46
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± 1.23 μm, 9.91 ± 0.52 μm, 6.75 ± 0.48 μm, 4.68 ± 0.48 μm and ts = 0.33 ± 0.06 μm, all
the double emulsions contain 0.1 % ﬂuorescein in their core. We then measure the ﬂuorescent
intensity of the drops every 10 min for 15 h. The mean ﬂuorescence intensity for each image of
the timelapse is calculated as the average pixel intensity for all droplets using a custom made
Matlab program. For double emulsions with ts =13.4, 9.8, 6.3 and 4.1 μm; the vast majority
of ﬂuorescein is released after respectively, 200, 300, 460 and 600 min. By contrast, double
emulsions with submicron shells only release 15 % of the initial intensity is lost after 15 h, as
shown in Figure 5.4C. Hence there is a clear correlation between the shell thickness and the
leakage time of these drops.
The rate of leakage can be characterized by the slope by which the intensity decreases over
time. To characterize this slope, we deﬁne τ as the time necessary for the ﬂuorescent intensity
to decrease by 50 % from its original value. We repeat this observation in ﬁve independent
experiments and retrieve the values for τ . For double emulsions with ts = 13.4 μm, τ = 80 min.
As the shell thickness is decreased down to ts = 4 μm, τ increases up to 200 minutes. By contrast,
for shells as thin as 330 nm, τ = 1600 min. Hence τ of double emulsions with submicron shells
is an order of magnitude higher than that of drops whose shell thickness is above a micrometer.
Our results suggest that double emulsion drops with extremely thin shells are candidates for
producing non-leaky capsules that reduce cross-contaminations without negatively impacting
the stability of drops, as shown on Figure 5.4C.
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Figure 5.4: (A) Timelapse of superimposed optical and ﬂuoresence migrographs of double
emulsion drops with shell thickness ts = 8.40 ± 0.62 μm containing 0.1 % ﬂuorescein in their
cores. (B) Timelapse images of double emulsion drops with thin shells , ts = 0.33 ± 0.06 μm,
containing ﬂuorescein in their cores. (C) Decrease of intensity, I, as a function of time , t, in in
double emulsions with shell thicknesses; ts = 13.46 ± 1.23 μm , (+); ts = 9.91 ± 0.52 μm, ();
ts = 6.75 ± 0.48 μm, (◦); ts = 4.68 ± 0.48 μm , (), ts = 0.33 ± 0.06 μm , (∗). (D) Inﬂuence of
the shell thickness, ts, on the leakage time, τ . The error bars in x and y directions correspond
to the standard deviations measured from ﬁve independent leakage experiments.
5.5 Discussion
We assign the decrease in permeability to the steric hindrance that prevents the formation of
aqueous droplets in the oil shell. The thinner shells have a higher hydrodynamic resistance that
slows down the convective ﬂow of oil within the membrane, thereby reducing the propensity for
small aqueous drops to form at the liquid-liquid interface. Therefore, transport of components
across the double emulsion shell is reduced when the shell thickness of double emulsion drops is
reduced. These results demonstrate that the permeability of double emulsions can be reduced
by more than an order of magnitude without changing the composition of the surfactants by
simply reducing the thickness of the oil shell. This reduction in shell thickness constitutes an
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elegant way to minimize the transport of reagents across the shell of double emulsion drops, and
thereby oﬀering new ways to improve the accuracy of screening assays.
5.6 Conclusion
Emulsion drops are frequently employed as reaction vessels to conduct high throughput screen-
ing assays. The accuracy of these assays is often compromised by the exchange of reagents
contained in diﬀerent drops that causes cross-contaminations. Here, we demonstrate that the
transport of reagents across the oil phase is caused by aqueous drops with diameters of the order
of hundreds nanometers that spontaneously form in the oil phase. The propensity of these small
drops to form and hence, the leakiness of large double emulsion drops can be strongly decreased
if their shell thickness is reduced to values similar to the diameter of the small drops that spon-
taneously form in the oil. In this case, the formation of these drops is likely sterically hindered
such that almost no encapsulants are transported across thin shells. From these mechanistic
insights, design rules for emulsion processes can be derived that oﬀer a tighter control over the
permeability of emulsion drops. Hence, this understanding might open up new possibilities to
use drop-based screening assays also for applications that require a high accuracy, including
applications in pharmacy and food industries.
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Chapter 6
Mechano-responsive microcapsules with
thin, homogeneous shells
Antoine Vian and Esther Amstad
In this chapter, we use the microﬂuidic aspiration device presented in Chapter 4 to produce
double emulsion with shell thickness below one micrometer that are used as templates to form
capsules. We assess the homogeneity and the mechanical properties of those capsules and com-
pare them to capsules possessing inhomogeneous shell thicknesses.
This chapter is adapted from the paper entitled "Mechano-responsive microcapsules
with thin, homogeneous shells", authored by Antoine Vian and Esther Amstad, currently
in refereed proceedings [4].
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6.1 Abstract
Capsules often prolong the shelf-life of active ingredients, such as many drugs, food additives,
or cosmetic substances, because they delay oxidation of these substances or prevent their reac-
tions with molecules contained in the surrounding. If appropriately designed, these capsules can
oﬀer an additional beneﬁt: they allow close control over the timing and location of the release
of active ingredients. To take advantage of these features, capsules must possess shells whose
thickness and composition is well-deﬁned. However, the shell thickness of capsules often varies
considerably even within a single capsule, thereby hampering good control over the release kinet-
ics of encapsulants. These variations in shell thickness can be reduced, and hence the degree of
control over the release kinetics increased, if shells are made thin. Unfortunately, the controlled
fabrication of mechanically stable microcapsules with well-deﬁned sub-μm thick shells is diﬃcult.
Here, we introduce a method to fabricate capsules with uniform, semi-permeable shells whose
thickness is as low as 400 nm. This is achieved using water-oil-water double emulsions with 800
nm thick shells. The shell of the resulting capsules occupy less than 2 % of their volume, thereby
minimizing their footprint. Despite their thin shells, these capsules are mechanically very robust:
They withstand pressures up to 1.3 MPa without deformation and they remain intact if exposed
to pressures up to 2.75 MPa. Moreover, while they are permeable towards water, they retain
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encapsulants with molecular weights as low as 562 Da, even if dried and re-dispersed. The thin
shells of the capsules open up new possibilities to use them to functionalize materials with at
least one dimension that is small, such as coatings, where thick shells introduce defects, or as
building blocks of new types of functional materials.
6.2 Introduction
Ideally, capsules are impermeable to encapsulants during storage and when applied, release
their content on demand [129]. Capsules are often produced through spray-drying [160] or from
single emulsion drops where the surface of drops is solidiﬁed for example through interfacial
polymerization [161, 162], or phase separations [163]. These methods typically oﬀer a limited
control over the thickness of capsule shells, thereby compromising the control over the timing of
the release of encapsulants as detailed in Section 1.2.4 [164–167]. Capsules can also be produced
from double emulsion drops by solidifying their shell [39, 168]. The thickness of the so-formed
capsule shells depends on the composition and dimensions of the double emulsion shell. Double
emulsions with well-deﬁned dimensions can be produced with microﬂuidic devices; these drops
have diameters ranging from 60 to 700 μm and shell thickness varying between 2 and 140 μm;
the shells of these capsules occupy between 20 to 85 % of the total capsule volume, thereby
limiting the relative concentration of encapsulants contained in them [54, 56, 84, 168, 169]. The
fabrication of capsules with thick shells from double emulsion drops comes at an additional
cost: While the average thickness of these capsule shells is well-deﬁned, the local shell thickness
varies considerably within each capsule. This diﬀerence can be assigned to variations in the shell
thickness of double emulsion drops that are caused by the density diﬀerence between the liquid
that forms the innermost drop and the liquid that constitutes the outermost drop. This density
diﬀerence causes an oﬀset of the two drop centers, such that the shells are very thin on one
side of the double emulsion drops whereas they are very thick on the opposite side [54]. This
heterogeneity in shell thickness compromises the control over the diﬀusion time of encapsulants
across the shell and hence, the control over the kinetics of the diﬀusion-limited release, as detailed
in Section 1.3.6 [24,93,170].
This potential limitation can be alleviated if capsules are composed of a material that has a
low aﬃnity to the encapsulants. In most cases, encapsulants are either hydrophilic or hydropho-
bic and hence have a low aﬃnity towards ﬂuorinated materials. As a result of the low aﬃnity,
capsules with shells composed of perﬂuoropolyether retain more than 98 % of low molecular
weight encapsulants, such as Allura Red and CaCl2, over a period of four weeks, even though
the thinnest part of their shell is below 20 μm [169]. This feature, combined with their thermal
stability and chemical and biological inertness, [171] renders them attractive for applications
that do not involve oral or intravenous administration of reagents. However, the shells occupy
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approximately 70 % of the capsule volume, [169] thereby limiting the amount of reagents con-
tained in them. Moreover, because perﬂuorinated polymers are chemically inert, they cannot
easily be degraded such that residues of empty capsules might introduce defects into the materi-
als encompassing them or they cause negative side-eﬀects if used as dispersed delivery vehicles.
The volume occupied by the shell can be reduced if they are produced from double emulsions
with thin shells. These thin shells oﬀer an additional beneﬁt: the thickness of their shells is
much more uniform because the ﬂuid ﬂow in thin shells is limited by lubrication eﬀects such
that the centers of the innermost and the outer drops are not oﬀset [39,126,127]. Double emul-
sions with thin shells can be assembled using dedicated microﬂuidic glass capillary devices, as
detailed in Section 1.3.7 [95,106,129,131–133]. However, the fabrication and operation of these
devices is tedious. Double emulsions with thin shells can also be produced from standard double
emulsions by reducing their shell thickness, for example if pushed through constrictions, as de-
tailed in Chapter 3 [1], or processed with the microﬂuidic aspiration device that removes the vas
majority of the ﬂuid contained in the shells through shunt channels, as detailed in Chapter 4 [2].
However, these double emulsions have never been employed as templates to produce polymeric
capsules with thin, solid shells that display a low permeability towards encapsulants.
In this chapter, we combine the beneﬁt of the chemical inertness of perﬂuorinated polymers
and the low footprint of capsules made from double emulsions with thin shells: We fabricate
63 μm diameter capsules with homogeneous ﬂuorinated shells that are as thin as 0.4 μm, such
that the shell occupies as little as 2 % of the capsule volume. We investigate their mechanical
properties and the permeability of these capsules towards low molecular weight encapsulants
and compare these parameters to those of capsules whose shell has an identical composition but
is 25 times thicker. Despite of their thin shells, these capsules are mechanically robust: they can
withstand pressures up to 1.3 MPa without buckling. When exposed to higher pressures or when
dried, they buckle but remain intact such that the permeability towards low molecular weight
encapsulants remains unchanged. Because perﬂuorinated shells have a low aﬃnity towards
hydrophilic additives, they retain more than 98 % of the encapsulants with a molecular weight
as low as 562 Da, such as Patent Blue V, for at least 4 weeks. However, when subjected to
mechanical stress, they break, thereby releasing the encapsulants.
6.3 Materials and methods
6.3.1 Double emulsion composition
The core of double emulsions is composed of 7.5 wt% PEG (Mw = 6 kDa) and 5 wt% par-
tially hydrolyzed PVA (Mw = 13 - 18 kDa) as an inner phase; PVA is added to increase the
stability of the double emulsion drops. The ﬂuorophilic shell is made of 75 wt% monoacrylate,
1H,1H,7H-Dodecaﬂuoroheptyl acrylate, 15 wt% of diacrylate, 1H,1H,6H,6H-Perﬂuoro-1,6-hexyl
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diacrylate, and 10 wt% ﬂuorinated oil, HFE 7500, that contains 2 % of a photoiniator, 2-
Hydroxy-2-methylpropiophenone; the ﬂuorinated oil is added to increase the contrast of the
double emulsions in the optical microscope. As an outer phase, we employ an aqueous phase
containing 10 wt% partially hydrolysed PVA ( Mw = 13 - 18 kDa).
6.3.2 Microcapsule fabrication
To convert double emulsions into capsules, they are exposed to UV illumination for 5 min
(Omnicure Series 1000 UV). The resulting microcapsules are washed with deionized water to
remove residual PVA.
6.3.3 Imaging
Optical images are acquired with a Nikon Eclipse Ti-S Inverted Microscope and Scanning elec-
tron microscope images are acquired with a Zeiss FESEM Supra55VP, operated using secondary
electron detection at an acceleration voltage of 1 kV. Samples are deposited onto a one-side pol-
ished Si-wafer and coated with 10 nm of Platinium-Palladium coating to render it electronically
conductive. UV-vis spectra are acquired with a PerkinElmer UV/Vis Spectrometer Lambda 40.
6.3.4 Quantiﬁcation of capsule footprint
The footprint of capsules is deﬁned as the volume fraction of the shell compared to the total
volume of the drops. Because perﬂuorinated polymers have a low aﬃnity to water, we assume
the perﬂuorinated polymers to be collapsed if dispersed in aqueous solutions such that we ap-
proximate the shell thickness of capsules, d, in aqueous solutions to be similar to that measured
in the dry state. Using this approximation, we estimate the volume fraction of the capsule
occupied by the shell, the footprint F , as
F =
(R3 − (R− d)3)
R3
(6.1)
where R is the external radius of the capsule.
6.3.5 Quantiﬁcation of the permeability of capsules
To measure the permeability of the capsules, we disperse 60 μL of polymerized capsules with
thin shells, whose core is labelled with 2 % patent V into an Eppendorf tube containing 1 mL of
deionized water. To acquire statistics, each data point is measured on four independent samples.
The amount of dye contained in the supernatent is quantiﬁed as a function of the incubation time
using UV-Vis spectroscopy (Perkin Elmer Lambda 365).The maximum intensity absorbance for
the blue dye, A, is obtained at λ = 637.5 nm. This wavelength is used to quantify the amount
of blue dye contained in the supernatent.
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6.3.6 Calculation of cumulative leakage
To estimate the maximum amount of dye that can leak form the double emulsion, we disperse
0.06 mL of an aqueous solution containing 2 % blue dye in 1 mL of deionized water; this
volume corresponds to the estimated cumulative volume of all the capsule cores contained in a
sample. We measure the absorbance at λ = 637.5 nm, Amax. The absorbance measured for the
supernatent of a sample, A, is normalized to Amax giving us the cumulative leakage intensity, I:
I =
A
Amax
(6.2)
6.4 Results and discussions
6.4.1 Production of capsules with thin shells
We employ water-oil-water double emulsions as templates to produce capsules; these double
emulsions are fabricated using PDMS based microﬂuidic ﬂow focusing devices, as detailed in
Section 2.2 and shown in Figure 6.1A [91]. To facilitate the fabrication of these double emulsions
and to increase their stability, we add 7.5 wt% PEG and 5 wt% PVA to their cores. The oil shell
is composed of a ﬂuorinated oil, HFE7500, that contains 75 wt% of a ﬂuorinated monoacrylate,
15 wt% diacrylate, and a photoinitiator. These double emulsions are dispersed in an aqueous
phase containing 10 wt% PVA. Double emulsions are formed in microﬂuidic ﬂow focusing devices
by injecting the inner and middle phases are a rate of Qi = Qm = 500 μL/h into the device [91].
The outer phase is injected at Qo = 4000 μL/h. The resulting double emulsions have a diameter
of R = 40 ± 0.8 μm and a shell thickness of ts = 9.21 ± 0.91 μm such that the shell occupies
30 % of the volume of the double emulsion
To reduce the volume occupied by the shell and therefore to minimize the footprint of the
capsule, the shell of the double emulsion templates must be made thinner. To reduce the shell
thickness of double emulsions, we process them with the microﬂuidic aspiration device. The
aspiration device consists of a main channel whose cross-section is 60 μm x 70 μm. However,
the diameters of double emulsions that can be processed with the aspiration devices is by no
means limited to this narrow range. If the dimensions of the main channel are adjusted, double
emulsions with diameters ranging from 10 μm up to a few 100 μm can be processed with this
technique. The main channel is intersected by many much smaller ﬂuorophilic shunt channels
that lead into two reservoirs, as shown in Figure 6.1C and detailed in Chapter 4. Primary
double emulsions are injected into the aspiration device at Qin = 900 μL/h. To maximize the
volume of oil that shunt channels remove from the shells of double emulsions, we reduce the
pressure in the reservoirs by retracting ﬂuids at Qw = 800 μL/h [2]. Due to the reduced pressure
in the reservoir, some of the continuous phase is also removed through the shunt channels
such that primary double emulsions are up-concentrated while they ﬂow through the aspiration
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section. To increase the spacing between adjacent processed double emulsions after they exited
the aspiration section, and thereby to facilitate their handling further downstream, we space
them apart by injecting an aqueous solution through a ﬂow focussing junction at Qout = 1500
μL/h, as shown in the optical micrograph in Figure 6.1C [2]. The resulting double emulsions
have an external diameter of R = 32.5 ± 1.0 μm and a shell thickness as low as ts = 0.79 ± 0.19
μm, as exampliﬁed on the optical micrograph in Figure 6.1D. To convert double emulsions into
capsules, their shells must be solidiﬁed. This can be achieved by exposing the double emulsions
to UV light to initiate the polymerization reaction of the acrylates. The polymerized capsules
are washed with deionized water before they are further characterized.
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Figure 6.1: Optical micrographs of (A) a microﬂuidic double emulsion drop maker in op-
eration and (B) the resulting double emulsions with shell thicknesses of 9.21 ± 0.91 μm. (C)
Optical micrograph of the microﬂuidic aspiration device in operation and (D) the resulting
double emulsions with shell thicknesses of 0.79 ± 0.19 μm. (E ,F ) Schematic illustration of ﬂu-
orinated (E) 1H,1H,6H,6H-Perﬂuoro-1,6-hexyl diacrylate and (F) 1H,1H,7H-Dodecaﬂuoroheptyl
acrylate. (G) Schematic illustration of water-oil-water double emulsions before they have been
exposed to UV light, where their shells contain monomers (left) and thereafter, where monomers
were crosslinked to form polymeric shells (right).
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The degree of control over the mechanical properties of capsules and the release of active
ingredients contained in them depends on the composition and dimensions of the capsule shells.
To closely control these parameters, the thickness of the capsule shells must be uniform and well-
deﬁned. Optical micrographs of capsules made from as-produced double emulsion templates
reveal large heterogeneities in the shell thickness, as shown in Figure 6.2A. By contrast, no
signiﬁcant diﬀerences in the shell thickness can be measured if capsules are produced from
processed double emulsions whose shell thickness is below 1 μm, as shown in Figure 6.2B.
However, potential heterogeneities in the dimensions of capsules with thin shells are diﬃcult
to quantify using optical microscopy because the average thickness of these shells is close to or
even below the resolution limit of standard optical microscopes. To visualize the capsules with
a higher resolution, we image dried capsules with scanning electron microscopy (SEM). Because
of gravity, intact capsules will preferentially align with the thickest part of their shell facing the
substrate such that the homogeneity of the capsule thickness is diﬃcult to assess from SEM
images of intact capsules, as shown in Figures 6.2C and D. To determine the homogeneity of
the capsule thickness, we cut dried capsules with a razor blade and image them using SEM.
Capsules produced from as-fabricated double emulsions have a shell thickness that varies over a
wide range with the thickest part being at least 14 μm and the thinnest part being smaller than
3 μm, as seen in Figure 6.2E. By contrast, capsules made from processed double emulsions have
uniform shells that are as thin as 400 nm, as shown in Figure 6.2F. These results indicate that in
processed double emulsions, gravitational forces are outweighed by lubrication forces such that
the center of the innermost aqueous core of the double emulsion templates is close to that of the
outer, perﬂuorinated core [93, 95,126].
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Figure 6.2: (A , B) Optical microscopy images of capsules made from (A) as-produced double
emulsion templates; their shell is 9.8 μm thick and (B) processed double emulsions; their shells
is 0.8 μm thick. (C - F) SEM images of (C ,D ) intact and (E ,F ) cut capsules produced from
(C ,E ) primary double emulsions with thick shells and (D ,F ) processed double emulsions
with shin shells.
6.4.2 Mechanical stability of capsules
The rigidity and mechanical stability of capsules typically increases with increasing shell thick-
ness [172]. Hence, we expect the rigidity of capsules produced from double emulsions with thick
shells to be signiﬁcantly higher than that of capsules produced from double emulsions with 14
times thinner shells. To test this expectation, we mechanically deform capsules by placing them
between two glass slides and applying weight on the top glass slide. To qualitatively assess the
rupture strength of capsules, 20 μL of capsules are deposited on a glass slide. Those capsules
are compressed by a 1 x 1 cm2 glass slide that is loaded with diﬀerent weights. Optical images
are taken after samples have been compressed with diﬀerent weights and used to determine
the fraction of intact capsules, as shown in Figure 6.3. The capsules remain intact if they are
loaded with 700 g and gradually start breaking if the load is increased until all capsules break
if subjected to a load of 4 kg. Remarkably, the fraction of capsules with thick heterogeneous
shells that ruptures at a deﬁned load is very similar to that of capsules with thin homogeneous
shells, as seen in Figure 6.3. These results suggest that the thinnest parts of capsules with het-
erogeneous shell thicknesses have similar dimensions to those of capsules with thin homogeneous
shells and that these thin parts determine the rupture strength of capsules with heterogeneous
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shell thicknesses.
Figure 6.3: (A) Percentage of broken capsules whose shell is () thin and homogeneous and
() thick and heterogeneous as a function of the load applied on the top glass slide.
To determine the mechanical properties of the capsules more quantitatively, we subject them to
osmotic pressure diﬀerences. The osmolarity of the capsule core is kept constant at 0.2 Osmol/L.
We vary the osmolarity of the outermost aqueous phase by changing the concentration of NaCl
contained in it between 0.1 and 0.66 M, corresponding to osmolarities ranging from 0.2 to 1.22
Osmol/L. To convert the osmotic pressure diﬀerence into the pressure acting on the capsule
shell, we use the Van’t Hoﬀ law: π = 2.Δc.R.T ; here π is the pressure applied to the capsule,
Δc is the diﬀerence of osmolarity between the core and the outer phase of the capsule, R the
gas constant, and T the temperature of the surrounding. Hence, as a result of the diﬀerence in
the osmolarities of the two aqueous solutions, the capsules are subjected to osmotic pressures
ranging from 0 to 2.75 MPa. To assess the mechanical stability of the capsules, we incubate
them under these conditions for 3 h at room temperature and quantify the percentage of intact
capsules using optical microscopy. Capsules with heterogeneous, thick shells start to buckle
if subjected to a pressure of 1.36 MPa. Interestingly, capsules with homogeneous thin shells
start buckling at the same pressure, as shown in Figures 6.4C and D. The fact that these
capsules buckle if subjected to an osmotic pressure indicates that they are permeable towards
water but impermeable towards NaCl. However, the pressure required to induce buckling is
signiﬁcantly higher than that reported for capsules composed of hydrocarbon-based shells with
similar dimensions [93]. Both types of perﬂuorinated capsules remain intact even if osmotically
stressed with pressures up to 2.75 MPa. These results indicate that the thinnest parts the
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heterogeneous shells must be almost as thin as shells of capsules produced from processed double
emulsions, whose shell is 400 nm, supporting our qualitative loading results. There is one
important diﬀerence in the buckling behavior between capsules with thick heterogeneous shells
and those with thin homogeneous shells: Capsules with heterogeneous shell thickness buckle at
one single location only because they have one location that is very thin, as shown in Figure
6.4A. By contrast, capsules with homogeneous shells buckle at multiple locations such that their
projected area becomes signiﬁcantly smaller than that of capsules with thicker shells, as shown
in Figure 6.4B. These results indicate that a reduction in the shell thickness of the capsules does
not negatively impact their mechanical properties.
Figure 6.4: (A,B) Optical images of capsules with (A) thick and (B) thin shells after having
been compressed with 4 kg load. (C,D) Time-lapse optical microscopy images of capsules with
(C) thick and (D) thin shells if subjected to osmotic pressure diﬀerences ranging from 0 to 2.75
MPa
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6.4.3 Permeability of capsules
The permeability of capsules often scales with their shell thickness because this parameter
determines the distance encapsulants must diﬀuse to cross the shell [164, 165]. To test the
permeability of our capsules, we load them with 2 % of Patent Blue V, a dye with a molecular
weight of 562 Da, and disperse them at 6 vol % in a dye-free aqueous solution. To quantify
the release of encapsulants, we monitor the absorbance of the supernatant as a function of the
incubation time, as detailed in Section 6.3.5. Even though the shells of capsules are as thin
as 400 nm, more than 98 % of the encapsulants are retained over the course of four weeks, as
demonstrated by the small increase in absorbance in the supernatant, shown in Figure 6.5. This
permeability is much smaller than that measured for hydrocarbon-based capsules where the vast
majority of encapsulants with similar molecular weights are released within 7 days [170]. These
results show the potential of our capsules to store reactive agents for a prolonged time even if
their shell is thin and release them on demand if exposed to appropriate mechanical stimuli.
Figure 6.5: Cumulative leakage of capsules with thin shells as a function of time. Photographs
of the capsules sedimented in the Eppendorf tube as a function of time is presented as insets.
It is often advantageous to store and transport capsules in a dried state because they can be
stored at higher densities and the samples are lighter. These advantages can only be leveraged if
capsules remain intact during drying and re-hydration cycles such that their permeability does
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not change. To test if our capsules fulﬁll these requirements, we dry capsules containing 2 wt%
Patent Blue V at 70 °C overnight to ensure all the water is removed. When capsules are re-
dispersed in deionized water, they retain the spherical shape within 1 hour, indicating that water
diﬀuses through the membrane into the cores, as shown in Figures 6.6A and B. This drying and
re-hydration cycle can be repeated at least three times without compromising the integrity of
capsules. Importantly, their permeability towards the dye does not measurably increase upon
drying and re-hydration: the ﬂuorescence intensity of the cores of capsules before and after they
have been dried and re-hydrated is within experimental error the same, even if their shells are
as thin as 400 nm as exempliﬁed in Figure 6.6. These results demonstrate that despite their
thin shells and hence, their low footprint, our capsules display a similar mechanical stability
and permeability as capsules with much thicker shells. This opens up new possibilities to store
capsules containing high concentrations of reagents in a dried state and at high densities and
re-hydrate them before usage.
Figure 6.6: Optical microscopy images of capsules with (A) heterogeneous and (B) homoge-
neous shell thicknesses containing a blue dye in their core. Capsules are imaged before they are
dried (left), in a dry state (middle), and after being re-hydrated (right).
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6.5 Conclusions
We report the production of microcapsules with well-deﬁned sizes and uniform shells using water-
oil-water double emulsions with sub-μm thick shells as templates. The shells of these capsules
are as thin as 400 nm such that the dry shell occupies only 2 % of the total capsule volume.
Despite of their thin shells, the capsules are mechanically robust such that they withstand
pressures of at least 1.08 MPa without being deformed and pressures up to 2.75 MPa without
losing their integrity. Moreover, these semi-permeable capsules can be dried and re-dispersed
at will. Because the shell is composed of a perﬂuorinated polymer, the capsules display a low
permeability also towards small encapsulants such as Patent Blue V even though their shells are
very thin; they retain more than 98 % of the encapsulants over the course of 30 days. These
capsules open up new possibilities to prolong the lifetime of encapsulants because they can be
stored in a dried state under an inert atmosphere. Moreover, the small footprint of these capsules
combined with the high ﬂexibility of their shells enables their use in materials with at least one
dimension that is small, such as coatings. This might enable the conversion of two component
coatings into a single component or a much more eﬃcient functionalization of materials with
appropriate reagents to impart self-healing properties to them.
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Chapter 7
Conclusion and Outlook
In this work, we introduce microﬂuidic tools to controllably form double emulsion drops with
submicron shells. These double emulsions can be used as reaction vessels for example to con-
duct high throughput screening assays. They can also be used as templates for the formation
of capsules with thin shells that have extremely low footprints and an excellent retention of
encapsulants.
A simple method to reduce the shell thickness of double emulsions is to squeeze them through
a constriction. The squeezing device splits primary double emulsion drops into double emulsions
with shells as thin as 330 nm and a single emulsion drop. This squeezing device constitutes an
experimentally simple, versatile tool to controllably and eﬃciently reduce the shell thickness of a
wide range of double emulsion drops. However this device can only process one double emulsion
at a time, thus limiting the throughput.
To increase the throughput, we developed the aspiration device that enables processing of
primary W/O/W double emulsions into secondary double emulsions with shell thickness as thin
as 240 nm at a rate of up to 1000 double emulsions per second. Moreover, this device enables
processing of primary double emulsions produced through high throughput bulk emulsiﬁcation
methods because the shell thickness of the processed double emulsions does not depends on
that of the primary double emulsions. The shell thickness of processed double emulsions only
depends on the pressure proﬁle in the device which can be controlled with the ﬂuid ﬂow rates
and the viscosity of the oil. Therefore, this device oﬀers new possibilities to form capsules whose
shell thickness is well deﬁned such that their permeability and stability is well controlled at high
throughput.
Both microﬂuidic devices mechanically remove parts of the middle oil phase of double emulsion
drops to reduce the shell thickness of double emulsions. Hence double emulsions whose shell is
made of a wide range of diﬀerent oils including non-volatile oils or ﬂuids that have a low solubility
in the outermost phase can be processed. Thus those devices have the potential to controllably
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produce mechanically stable double emulsions with thin shells that can serve as templates to
produce capsules made from a much broader range of material than currently possible.
Additionnally we show that double emulsion drops with thin shells produced with the aspi-
ration device have a signiﬁcantly lower permeability than double emulsions with thicker shells.
Indeed we demonstrate that the permeability of double emulsions produced through these de-
vices can be decreased by at least an order of magnitude if the shell is reduced to submicrometer
values. Hence these drops might be well-suited vessels for conducting drop-based screening as-
says also for applications that require a high accuracy, including applications in pharmacy and
food industries.
Finally we show that double emulsions with thin shell produced with the aspiration device
can be used as templates to form uniform solid capsules with a homogeneous shell. The shell
of this capsules only occupies 2% of the total capsule volume such that the footprint is very
low. Despite their very thin shells they can withstand pressure of up to 1.08 MPa without
deformation. Additionally these capsules can be dried and redispersed in aqueous media at will.
Because their shell is composed of a ﬂuorinated polymer, they display a very low permeability for
molecules with molecular weights as low as 562 Da: they retain more than 98% of encapsulants
over the course of four weeks. Multiple applications can beneﬁt from these capsules since they
can prolong the lifetime of encapsulants because they can be stored in a dry state in an inert
atmosphere. Moreover, those capsules have a really low footprint and a high ﬂexibility that
allow their use in materials with at least one dimension that is small, such as coatings. This
might enable the much more eﬃcient functionalization of materials with appropriate reagents to
impart self-healing properties to them.
The homogeneity of the thin shell capsules is an advantage for controlling timing of the release
of encapsulant. For inhomogeneous capsules, when the trigger is activated encapsulants are
released faster at locations where the shell is thinner, whereas it is slower at locations were the
shell is thicker, as shown in Chapter 1. Hence the total time for release of encapsulants from
a capsule upon activation by a trigger is less well deﬁned compared to that of homogeneous
thin shells. Moreoever, in thin shell double emulsion drops, activated release can be switched
on or oﬀ rapidly, thereby enabling pulsed release. One route that seems promising is controlled
release triggered by nanoparticles. For example upon activation with an external non invasive
trigger some nanoparticles can heat. Plasmonic nanoparticles such as gold nanoparticles heat
when subjected to light of a certain wavelength [173, 174], whereas superparamagnetic iron
oxide nanoparticles (SPIONs) will heat if subjected to an alternating magnetic ﬁeld [175–177].
Those nanoparticles can be coated and embedded in the membrane of capsules and locally heat
the surrounding polymer matrix [178]. Therefore capsules with solid homogeneous thin shells
capsules that possess a controllable permeability might open up new possibilities in their use as
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delivery vehicles for repetitive control release of encapsulants or as building block of responsive
macroscopic materials.
As preliminary studies we showed that we can coat iron oxide nanoparticles with a ﬂuorinated
polymer, KrytoxTM to render them ﬂuorophilic. The iron oxide nanoparticles (SPION) are ini-
tially stabilized at pH 8 in an aqueous solution containing 0.1wt% of KrytoxTM . Upon vigorous
mixing, they are transferred in the ﬂuorinated phase, as shown in Figure 7.1A. Remarkably
those nanoparticles still remain separated after phase transfer in the ﬂuorinated phase as shown
with transmission electronic microscopy (TEM) in image Figure 7.1B. We succeeded to incor-
porate them inside the membrane of capsules with a submicrometer shell that are responsive to
magnetic ﬁelds, as shown in Figure 7.1C and D. A next step would be to study the release of
encapsulants from these capsules upon exposure to an alternating magnetic ﬁeld.
Figure 7.1: Magnetically responsive ﬂuorinated double emulsions. (A) Phase transfer of SPI-
ONs from the aqueous phase with 0.1 wt% KrytoxTM (left), and control experiment without
KrytoxTM . (B) TEM image of coated SPIONs dispersed in the ﬂuorinated phases. (C) Dou-
ble emulsions with submicron shells containing ﬂuorinated coated SPIONs in their shell. (D)
Response of double emulsions with submicron shells to a static external magnet.
Hence this work paves the way to produce capsules with extremely thin shells that can be
used for pulsed triggered release through AC magnetic ﬁelds. Since magnetic ﬁelds constitute a
non-invasive trigger these grafted microcapsules could open up new applications in drug delivery
for example.
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Appendix A
Force-responsive polymersomes
inspired by the marine bioluminescence
of dinoﬂagellates
Omar Rifaie-Graham, Nikolas F.B. Galensowske, Charlie Dean,
Jonas Pollard, Sandor Balog, Mohamed Chami, Antoine Vian,
Esther Amstad, Marco Lattuada and Nico Bruns
In this work we demonstrate the release mechanism of shear responsive
polymersomes. These polymersomes are composed 5% of adenine-thymine
base pairs in their membranes. When sheared, the membrane becomes
porous and encapsulants are released. When a solution of shear respon-
sive polymersomes is introduced in three successive constriction channels of
cross sections 20∗100 μm2 the ﬂuorescent intensity after these constriction
increases by 44% as seen in Figure A.1. By contrast, no surge was observed
if the polymersomes are not shear responsive.
This work is currently under review and details are presented in reference
[179].
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Figure A.1: A dispersion of sodium ﬂuorescein-ﬁlled shear responsive polymersomes ﬂowed
from left to right through a microﬂuidic device featuring several constrictions (top). Sodium
ﬂuorescein-ﬁlled non shear-responsives polymersomes were stimulated in the same manner (bot-
tom). The ﬂowrate was set at 10 mL/h (F= ﬂuorescence intensity).
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Abbreviations
• BSA: Bovine Serum Albumine
• ETPTA: Ethoxylated trimethylolpropane triacrylate
• FACS: Fluorescence activated cell sorting
• LCST: Lower critical solution temperature
• O/W: Oil-in-water
• O/W/O: Oil-in-water-in-oil
• PAA: Poly(acrylic acid)
• PDMS: Poly(dimethylsiloxane)
• PEG: Poly(ethylenglycol)
• PIP: Poly(isoprene)
• PLA: Poly(lactic acid)
• PLGA: Poly(lacticglycoacid)
• PMMA: Poly(methylmetacrylate)
• PNIPAM: Poly(N-isopropylacrylamide)
• PPHA: Poly(phthaldehyde)
• PS: Poly(styrene)
• PVA: Poly(vynilalcohol)
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• SEM: Scanning Electron Microscope
• TEM: Transmission Electron Microscope
• TETA: Triethylentetramine
• UV: Ultraviolet
• W/O: Water-in-oil
• W/O/W: Water-in-oil-in-water
• UV: Water-in-oil
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Notations
• A0: Interfacial area of a primary double emulsion drop
• Cl: Contour length of the drop when maximally deformed
• ΔA: Diﬀerence in interfacial area between separated state and emulsi-
ﬁed state
• ΔGγ: Interfacial energy between separated state and emulsiﬁed state
• ΔQ: Diﬀerence between injection ﬂow rate and withdraw ﬂow rate
• DI : Deformation index
• ED: Energy of deformation
• ES: Splitting energy
• F : Capsule footprint
• γ: Interfacial tension
• h: Height of the constriction
• l: Length of the constriction
• LD: Length of the drop at maximum deformation
• qo: Flow rate of the middle oil phase
• qw: Flow rate of the internal aqueous phase
• Qi: Injected ﬂow rate of the inner phase
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• Qk: Flow rate at each junction, k
• Qm: Injected ﬂow rate of the middle phase
• Qo: Injected ﬂow rate of outer phase
• Qout: Injected ﬂow rate of continuous phase for the aspiration device
• L: Length of the drop when maximally deformed
• O: Oﬀset between inner and outer drop centers
• OM : Oﬀset inner and outer drop centers when drop is maximally de-
formed
• R: External radius of double emulsions
• Rh: Hydraulic resistance
• Rn: Hydraulic resistance between junctions
• Rts: Hydraulic resistance of shunts microchannels
• r: Radius of the single droplet obtained after rupturing of a double
emulsion
• tmin: Minimum shell thickness of processed double emulsions
• ts: Shell thickness of double emulsions
• ts0: Shell thickness of primary double emulsions
• v: Speed of the ﬂuid in the channel
• w: Width of the constriction
• wD: Width of the drop at maximum deformation
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